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Membrane transport proteins are the main gatekeepers controlling the traffic of molecules in and
out the cell. The mechanism by which they mediate selective and regulated transport across the
membrane is of broad physiological and biophysical relevance. In this dissertation, several critical
aspects of the transport process have been studied through molecular dynamics (MD) simulations,
including ion binding and its coupling to chemical processes such as H+ transport, translocation
of the transported substrate and cotransported ions, dynamics of the catalytic site, coordinated
motions of the remote regions, as well as other molecular events facilitating the transport of the
cargo. The first part of the dissertation covers topics on a Cl−/H+ transporter from the CLC
superfamily, which catalyzes stoichiometrically coupled exchange of Cl− and H+ across biological
membranes. CLC transporters exchange H+ for halides and certain polyatomic anions, but exclude
cations, F−, and larger physiological anions, such as PO3−4 and SO
2−
4 . Despite comparable trans-
port rates of different anions, the H+ coupling in CLC transporters varies significantly depending
on the chemical nature of the transported anion. Although the molecular mechanism of exchange
remains unknown, studies on bacterial ClC-ec1 transporter have revealed that Cl− binding to the
central anion-binding site is crucial for the anion-coupled H+ transport. This study shows that Cl−,
F−, NO−3 , and SCN
− display distinct binding coordinations at the central site and are hydrated
in different manners. Consistent with the observation of differential bindings, ClC-ec1 exhibits
markedly variable ability to support the formation of the transient water wires, which are neces-
sary to support the connection of the two H+ transfer sites (Gluin and Gluex), in the presence of
different anions. These findings provide structural details of anion binding in ClC-ec1 and reveal
a putative atomic-level mechanism for the decoupling of H+ transport to the transport of anions
other than Cl−. Another important question concerning the functional mechanism of CLC trans-
porters is that no large conformational change have been detected crystallographically, even though
transporters usually undergo global conformational change to alternately expose substrate-binding
sites to opposite sides of the membrane. The collaborative work here demonstrates the formation
of a previously uncharacterized ‘outward-facing open’ state enrich by high H+ concentration, which
involves global structural changes ∼20 A˚ away from the outer gate. This long distance conforma-
tional change highlights the coupled motions as well as the relevance of global structural changes in
CLC transport cycle. The second part of the dissertation focus on a phospholipid scramblase which
mediates rapid transbilayer redistribution (scrambling) of phospholipids at plasma membrane. This
process dissipates lipid asymmetry in response to signals for critical cellular events like apoptosis
ii
that elevate cytoplasmic Ca2+ concentration. The work here shows that the hydrophilic aqueduct
on the surface of the fungal scramblase nhTMEM16 serves as the path for lipid translocation,
and that Ca2+ binding plays a key role in determining an open conformation of the path for lipid
diffusion. The fully occupied lipid track connects the inner and outer leaflets and forms a proteoli-
pidic pore, which allows ion conduction through the aqueous pathway formed between the protein
and lipid headgroups under transmembrane electric potentials. Supporting this mechanism, site-
specific mutagenesis experiments show that nhTMEM16 ionic currents are synergistically linked to
phospholipid scrambling. To further validate the idea that ions permeate through TMEM16s via
the same structural pathway taken by phospholipids, two specific residues in the pore region were
pinpointed, which are able to convert TMEM16A Ca2+-activated Cl− channel (CaCC) into robust
scramblase upon point mutations. This novel view of flexible pore structure explains a number
of unusual features of the TMEM16 ionic currents, especially the highly variable ionic selectivity
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1 Membrane Transport in Biological
Systems1
Phospholipid bilayer is the main constituent of the fluid-mosaic plasma membrane. It is only per-
meable to small and hydrophobic molecules. Continuous and rapid passage of a diverse set of
polar molecular species, such as ions, neurotransmitters, nutrients, requires specialized membrane
transport proteins [5] that are responsible for catalyzing and regulating exchange of various imper-
meable substances across the plasma membrane. Membrane transport proteins, including channels
and transporters, facilitate the movement of specific substances by distinctive mechanisms. Chan-
nel proteins catalyze the passage of substances via facilitated diffusion, during which channels can
open simultaneously to both extracellular side and intracellular side of the cellular membrane at the
same time, allowing the substrates to pass through the membrane down its concentration gradient
at a high rate. No energy input is required for facilitated diffusion via channels.
Transporter proteins catalyze the translocation of substrates against their chemiosmotic gradi-
ent by coupling the process to various sources of cellular energy, namely ATP hydrolysis, redox
reactions, or photons absorption in primary transporters, and electrochemical gradient of the other
1The materials presented in this chapter were published in:
1) Giray Enkavi, Jing Li, Pochao Wen, Sundarapandian Thangapandian, Mahmoud Moradi, Tao Jiang, Wei Han
and Emad Tajkhorshid,“A Microscopic View of the Mechanisms of Active Transport Across the Cellular Mem-
brane”.Annual Reports in Computational Chemistry, 10:77-125, 2014 [1].
2) Joshua V. Vermaas, Noah Trebesch, Christopher G. Mayne, Sundarapandian Thangapandian, Mrinal Shekhar,
Paween Mahinthichaichan, Javier L. Baylon, Tao Jiang, Yuhang Wang, Melanie P. Muller, Eric Shinn, Zhiyu Zhao
and Emad Tajkhorshid, “Microscopic Characterization of Membrane Transporter Function by in Silico Modeling and
Simulation”. Methods in Enzymology, 578:373-428, 2016 [2].
3) Tao Jiang, Wei Han, Merritt Maduke, and Emad Tajkhorshid. Molecular Basis for Differential Anion Binding and
Proton Coupling in the Cl−/H+ Exchanger ClC-ec1. Journal of the American Chemical Society, 138 (9):3066-3075,
2016 [3].
4) Chandra M. Khantwal, Sherwin J. Abraham, Wei Han, Tao Jiang, Tanmay S. Chavan, Ricky C. Cheng, Shelley
M. Elvington, Corey W. Liu, Irimpan I. Mathews, Richard A. Stein, Hassane S. Mchaourab, Emad Tajkhorshid,
Merritt Maduke, “Revealing an outward-facing open conformational state in a CLC Cl−/H+ exchange transporter”.
eLife, 5:e11189, 2016 [4].
(5) Tao Jiang, Kuai Yu, H. Criss Hartzell, and Emad Tajkhorshid,“Lipids and Ions Traverse the Membrane by the
Same Physical Pathway in the nhTMEM16 Scramblase”. (submitted).
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solute in secondary transporters [5]. Depending on the transport directions of the cotransport
substrates, secondary transporters are categorized as symporters (same direction) or antiporters
(opposite directions). To move the substrates across the membrane, all secondary transporters
operate via the alternating-access mechanism [6], in which protein alternates between two major
states, namely outward-facing state and inward-facing state. In this widely accepted model for
membrane transporter functions, the binding site of the transporter cannot be exposed to both
sides of the membrane simultaneously at any given time (Fig. 1.1), instead, it changes its acces-
sibility from one side of the membrane to the other upon structural changes in the protein. The
alternating-access mechanism ensures that channel-like structures (open to both sides of the mem-
brane simultaneously), which may result in a leak and dissipation of substrate concentration, do
not arise. The crystal structures of diverse membrane transporters in several conformations have
strongly supported the alternating-access mechanism [7–10].
Figure 1.1: An exemplary scheme of the alternating access mechanism adopted by a cation-coupled sym-
porter, where ions and substrate move in tandem. Here, the coupling mechanism only permits conformational
transitions when the binding site is either completely vacant or bound with both chemical species, forbidding
transitions of partially bound states (red X). Different types of transporters have different coupling mech-
anisms; however, all share this feature of certain forbidden transitions to regulate substrate transit and to
prevent draining membrane potential.
The movement of substrates through transporters is relatively slow compared to that through
2
channels, because transporters can not open to both sides of the membrane at the same time, and
a complex set of molecular processes, such as different levels of protein conformational changes,
are tightly coupled with the substrate binding, translocation and releasing. Understanding these
processes require fine molecular and atomic details. Given the fundamental roles in biology and the
importance as drug targets [11], protein dynamics and functional mechansim of transport proteins
(channels and transporters) has generated great interest for mechanistic studies of these proteins.
With the advancement of computational technologies [12,13], and availability of crystal structures
across diverse families [8–10], molecular modeling and simulation have proven useful in elucidating
the dynamical nature of the mechanism of membrane transport proteins [14]. Computational
methods now can describe various molecular phenomena important for membrane protein function
and make predictions that can be tested by experiments [15–47].
In my doctoral study, the molecular events behind the function and mechanism of two mem-
brane transport systems were investigated mainly using molecular dynamics (MD) simulations.
Each system comes with its own unique challenge in terms of simulation design and application,
data analysis, and interpretation of the results. One theme of my doctoral study is to elucidate
the anion/proton coupling mechanism, as well as the functionally relevant molecular motions of
ClC-ec1, a Cl−/H+ antiporter from Chloride Channel (CLC) superfamily. The other theme is to
explore the transport mechanism and pathways of phospholipids and ions through nhTMEM16, a
phospholipid scramblase from TMEM16 superfamily. Chapter 2 of this dissertation introduces the
MD simulation technique and other relevant techniques. Chapter 3-6 cover various mechanistic
aspects of the membrane transport proteins.
1.1 Chloride Channel (CLC)
The chloride channel (CLC) proteins [48,49] constitute a superfamily of membrane transport pro-
teins ubiquitous across species ranging from bacteria to mammals. CLC proteins allow the transport
of various anionic species [50–55], such as Cl−, Br−, I−, NO−3 , and SCN
−, across the cellular mem-
brane. Among those permeating anions, Cl− is the most important, since it is the most abundant
anion in organisms.
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CLC proteins are evidently of physiological importance due to their involvement in a broad range
of fundamental biological tasks and to their connection to genetically inherited diseases [48,56]. The
CLC superfamily was originally thought to include only Cl− channels that catalyze passive diffu-
sion of ions, but it is now well established to include transporters that catalyze the transmembrane
exchange of Cl− for H+ with a 2:1 stoichiometry [57–59]. ClC channels are found in the plasma
membrane and participate in maintenance of resting membrane potential, and cell volume regula-
tion. ClC transporters are found in the intracellular membrane, and participate in acidification of
intracellular compartment, such as endosomes and lysosomes. Despite the fundamentally different
functional properties of the two CLC sub-classes, CLC channels and transporters share the same
basic architecture. Therefore, gaining knowledge on CLC transporters will help to understand the
overall transport mechanism in CLC superfamily.
1.1.1 Molecular Structural Features
The determination of detailed crystal structures of a bacterial CLC transporter, ClC-ec1, by Rod-
erick Mackinnon’s group in 2002, immensely accelerated the structural and functional studies on
the CLC family [61]. ClC-ec1, like all canonical CLCs, is a homodimeric protein in which each
subunit contains a anion-permeation pathway across the membrane (Fig. 1.2A). The pathway is
characterized by an hourglass-shaped selectivity filter (structural element for selective ion conduc-
tion), with two aqueous vestibules extending from the extracellular and intracellular sides of the
membrane and three anion binding sites [61].
These anion binding sites are formed by residues from four motifs that are highly conserved
across the whole CLC family. The four motifs spread out in sequence space, including (ClC-ec1
numbering) GSGIP (106-110), GREGP (146-150), GIFAP (355-359), and Y445 (Fig. 1.2C). These
sequences are located at the N-terminal end of helice D, R, F and N, the positive helix dipoles thus
create an electrostatically favorable environment for anion binding.
The external anion-binding site (named Sext) can be occupied either by anion or by the de-
protonated carboxylate of E148, a conserved residue in the GREGP motif [61]. This residue,
which is known as “Gluex”, projects its negatively charged side chain into the pore and obstructs
4
Figure 1.2: Key structural and functional aspects of CLC antiporters. (a) Cartoon representation of the
ClC-ec1 homodimer (extracellular side on top), with the two identical subunits shown in yellow and cyan,
respectively. Approximate Cl− and H+ permeation pathways are indicated by green and red arrows, re-
spectively. The H+ pathway deviates from the Cl− pathway based on the identification of two key residues,
Gluex and Gluin (see panel (b)), required for H+ transport. The Cl− ions bound at Scen are represented
as green spheres. (b) Representative structure of the most common water wire connecting Gluex and Gluin
observed in MD simulations of Cl−-bound ClC-ec1 [60]. (c) The selectivity filter and the three Cl− binding
sites (Sext, Scen and Sint) formed by the four highly conserved motifs (GSGIP, GREGP, GIFAP, and Y). In
this structure (WT, PDB 1OTS), Sext is occupied by residue E148 (Gluex), and Scen and Sint are occupied by
Cl− ions (green spheres). Residues forming the main constriction points (E148/A358 and S107/Y445) that
occlude Cl− at Scen from the extracellular and intracellular solutions are drawn in color and individually
labeled.
the extracellular end of the anion-permeation pathway, as seen in the wild-type crystal structure.
When Gluex is neutralized by protonation or mutation, the side chain swings upwards and Sext
becomes occupied by Cl−, which comes in contact exclusively with backbone nitrogen atoms of
motif-residues F357, A358, R147, E148, and G149 [62]. Gluex has been shown to be crucial not
only for the gating mechanism in CLC channels but also for the H+ coupled Cl− transport in the
bacterial CLC transporters.
5
The central anion-binding site (Scen) is isolated from the extracellular and intracellular aqueous
solutions by the structures containing E148 and S107/Y445, respectively. The ion at Scen is coor-
dinated by backbone nitrogen atoms of I356 and F357, and by the side-chain oxygen atoms of S107
and Y445. Structural and functional studies on ClC-ec1 indicate that Scen has unique characteristics
worthy of special attention [55,60,63]. Specifically, experimental and modeling studies have demon-
strated a strong connection between Cl− occupancy of this site and Cl−/H+ coupling [55, 60, 63],
although the exact molecular mechanism of coupled anion/H+ exchange remains unresolved.
Lastly, the anion at the internal site (Sint) is coordinated by backbone nitrogen atoms of S107
and G108 on one side, and exposed to the intracellular solution on the other side.
1.1.2 Potential H+ Transfer Pathway
The CLC channels mediate selective Cl− conductance, while CLC transporters catalyze stoichio-
metrically coupled exchange of Cl− and H+ across the cellular membrane (Fig. 1.2A) [64–67]. CLC
transporters exchange two Cl− ions with one H+ during each transport cycle [64, 68]. A critical
question concerning the CLC Cl−/H+ antiporters is how does H+ being transferred in a highly
coupled manner with Cl− translocation [55,63,65]. Information on the H+ transport pathway and
mechanism in CLC transporters is scarce with the exception of the involvement of two highly con-
served acidic residues, E148 (Gluex) and E203 (Gluin) (Fig. 1.2A and B), which have been shown to
act as H+ binding sites on the extracellular and intracellular sides, respectively [69, 70]. However,
the central hydrophobic region separating Gluex and Gluin by about 15 A˚ raises the concern about
the actual mechanism of H+ transport between these two sites.
H+ transfer is essential in many biological processes, including membrane transport, in which H+
is among the most commonly used co-transported species [71–77]. Atomic details of H+ transfer
have proven to be difficult to observe experimentally, rendering computer simulations the main
source of knowledge about its detailed mechanism. Among the computational methods that deal
with proton transfer are ab initio MD [78], empirical valence bond (EVB) [79,80] and reactive force
field [81] approaches, which provide realistic descriptions of the process, but at high computational
costs. Despite classical MD simulations being unable to model breaking and formation of chemical
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bonds involved in proton transfer reaction, its transfer pathways and mechanisms could be inferred
by analyzing classical MD simulations for hydrogen-bonded water configurations. This approach
is based on the old and well-established Grotthuss mechanism [78], which suggests that protons
diffuse through networks formed by water molecules.
Involvement of water wires as potential H+ transport pathways has been proposed in previous
studies on membrane proteins [82–87], most prominently in bacteriorhodopsin [88] and other bioen-
ergetic membrane proteins [89–91], as well as calcium pumps [92]. For studies on CLC transporters,
Wang and Voth proposed a transient water-mediated H+ transport in ClC-ec1 through a pathway
connecting E148 and E203, and successfully showed the H+ propagation along such a pathway using
multistate empirical valence bound (MS-EVB) simulations [87]. Ko and Jo reported spontaneous
formation of a continuous water network that links E203 with E148 using MD simulations [93].
A similar water network was captured by Cheng and Coalson in their simulations of a eukaryotic
CLC transporter homolog CmCLC when E148 was protonated and occupied Scen [94, 95]. In a
recent collaborative work from our group, MD simulations showed that water wires can form tran-
siently and repeatedly connecting Gluex and Gluin across this void (Fig. 1.2B) [60]. The role of
these water wires in the H+ transport mechanism was validated by identifying a residue that is
conformationally coupled to water-wire formation and experimentally demonstrating the impact of
its mutations. This work also demonstrated the importance of the Cl− ion bound at the Scen site
for stabilizing the water wires, thereby proposing a putative mechanism underlying the coupling of
the two ions [60].
Chapter 3 of this dissertation investigated the binding mode and dynamics of various anions
transported by CLCs. Through multiple extended MD simulations, the structure and dynamics of
ClC-ec1 were examined in the presence of different anionic species, namely, Cl−, F−, NO−3 , and
SCN− bound at Scen. Different anions adopt distinct binding coordinations and hydration patterns,
and, more importantly, exhibit differential abilities to support the formation of water wires between
the H+ transfer sites (Gluin and Gluex). In contrast to the continuous water wires observed in the
presence of Cl−, the wires formed in the presence of F− or NO−3 directly incorporate the anions
(pseudo-waterwires). This intervention by the anion may reduce the ability of the wire to conduct
H+. Binding of SCN−, on the other hand, eliminates the water wires altogether. These findings
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explain the variable H+ coupling measured experimentally for these four representative anions,
including fully coupled (Cl−), intermediately coupled (NO−3 ), absolutely uncoupled (SCN
−), as
well as impermeant (F−). These results highlight the importance of anion binding for coupled H+
transport in ClC-ec1, thus providing deeper mechanistic insight into the function of CLC proteins.
In Chapter 4 of this dissertation, the local conformational change induced by a single mu-
tation S107P in the Scen binding site of ClC-ec1 was examined. The structural change in the
loop containing the mutation affects the binidng of anions at the Scen site, which may underlie the
molecular origins of anionic specificity in CLC transporters. Obtaining knowledge on the structural
and functional role of S107 is essential to the overall understand of the H+ coupling mechanism in
CLCs.
1.1.3 Global Conformational Change
As secondary active transporters, CLC transporters can use the energy from Cl− moving down
its electrochemical gradient to pump H+ against its electrochemical gradient, or vice versa. To
achieve the stoichiometric exchange of 2 Cl− for every H+, CLC transporters must follow the
alternating-access mechanism [6] and tightly couple protein conformational change to substrate
binding, translocation, and unbinding events. The alternating-access mechanism implies the ex-
istence of at least two major conformational states, “outward-facing (OF)” state, in which the
external, but not internal, solution is accessible to the bound substrates); and “inward-facing (IF)”
state, in which the internal, but not external, solution is accessible (Fig. 1.1). A large number of
intermediate states can form during the interconversion between the major states (IF↔OF) in each
transport cycle. Substrate binding site in these intermediate states can be made occluded to both
sides of the membrane (an “occluded” state) by various mechanisms including movements of loops,
amino acid side chains, and/or segments of broken helices, while the overall conformational state
of the protein can remain IF or OF.
For all other transporters studied to date, including the superfamilies with MFS, LeuT, the
conformational changes from outward-facing to occluded to inward-facing have been shown to
involve global protein motions, including reorientation of helices or even entire domains. For the
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Figure 1.3: Structure comparison of WT (left) and E148Q (right) ClC-ec1 Cl−/H+ transporter. The intra-
cellular and extracellular gate residues S107, Y445, and E148 (Gluex) are highlighted. In the WT ClC-ec1
(pdb: 1OTS), The bound Cl− (green sphere) at site Scen) is coordinated by the highly conserved Ser and
Tyr residues (shown as spacefilled). Gluex also acts as a “gate” that blocks the Cl− permeation pathway
from the extracellular solution. In the E148Q mutant (pdb: 1OTU), the Gln side chain, mimicking the
protonated Gluex, swings away from the Cl− permeation pathway and is replaced at Sext with a Cl− ion.
The structure of this mutant is otherwise indistinguishable from the WT structure.
CLC transporters, however, only a single conformation has been detected crystallographically,
which is known as the occluded state. Extensive efforts using crystallography have failed to detect
any global conformational changes in the transport cycle. Based on the available Xray structures,
the side chain rotation of a highly conserved glutamate residue represents the sole differences
distinguished in crystallographic studies of CLC transporters [62,96]. This highly conserved residue,
Gluex, is located towards the extracellular side of the anion-permeation pathway, where it physically
blocks anions from the extracellular solution. In the structure of a mutant in which Gln is used as
a proxy for the protonated Gluex, the side chain swings upwards and appears to unblock the Cl−-
permeation pathway. Thus, the site previously occupied by the glutamate side chain is occupied by
an anion (Fig. 1.3). However, in this mutant structure the pathway to the extracellular solution is
still very too narrow to accommodate Cl− or other permeant ions, which suggests that additional
conformational changes are required for for external anions to access the external anion-binding site
Sext. Given the strong constraining forces in a crystal environment, which often prevent the protein
from populating all naturally accessible, functionally relevant conformational states, alternative
approaches for detecting CLC conformational change during its function are strongly motivated.
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In Chapter 5 of this dissertation, large scale conformational changes of ClC-ec1 was studied by
cross-linking simulations in collaboration with experimental methods (Merritt Maduke, Stanford
University). Using NMR, our collaborator detected a H+-dependent conformational changes near
the interface of the homodimer, in which a buried residue Y419 became solvent exposed after
increasing the H+ concentration. To test the functional relevance of this motion, a cysteine cross-
link was generated to constrict motion at the interface. Constriction of this motion via the cross-link
correlated directly with reduced Cl− transport. By applying normal mode analysis on the cross-
linking MD simulations, we are able to probe functionally relavent motions near the Cl− permeation
pathway that was affected by the long distance conformational changes near dimer interface. The
results show that the extracellular vestibule of the anion-permeation pathway was widened at low
pH and thus generates a previously uncharacterized “outward-facing open” CLC conformational
state. This finding clearly indicates that structural changes beyond the rotation of Gluex is in
volved in the CLC Cl−/H+ transport cycle.
1.2 Phospholipid Scramblase Anoctamin/TMEM16
Plasama membranes are cell boundaries that physically separate and protect the cell interior from
the extracellular environment. They are constructed of a bilayer structure, where different lipids
asymmetrically distributed in the outer and inner leaflets to form distinct lipid compositions of the
membrane. Lipid asymmetry is essential to cellular physiology and plays key roles in regulating
membrane protein functions [97–103] and determining membrane curvatures [104–108]. Creation
and maintenance of lipid asymmetry in normal cells requires the concerted actions of lipid flippases
and floppases that actively transport specific lipids in preferred directions at the expense of ATP
hydrolysis (Fig. 1.4) [109–114]. When a perturbation of lipid asymmetry is needed for the cell,
ATP-independent lipid scramblases are needed to carry out nonspecific and bidirectional transport
of lipids in response to the elevation of cytoplasmic Ca2+ concentration [115,116]. Lipid scrambling
is an ubiquitous cell signaling mechanism for many critical cellular events, including marking the
apoptotic cells [117–120] and initiating blood coagulation [115, 121–124]. Since it is energetically
unfavorable to translocate the polar headgroup of lipid through the hydrophobic interior of the
membrane bilayer, transbilayer movement of lipid by itself is a very slow process. Thus, gaining
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knowledge on the physiological process of lipid scrambling is critical for the overall understanding
of the regulation of lipid asymmetry.
Figure 1.4: Lipid asymmetry is established by lipid flippases and floppase, which use energy from ATP
hydrolysis to actively transport lipids in a preferred direction. Scramblases randomize lipids across the
membrane bidirectionally and thus degrade membrane lipid asymmetry. The scrambling process is essential
for cellcell fusion, blood coagulation, apoptosis, glycosylation, autoimmune diseases and inflammation.
The TMEM16 family constitutes a class of membrane proteins that contribute to remarkably
diverse physiological processes, ranging from ion transport to phospholipid scrambling [125]. The
first two family members (TMEM16A and B) were functionally characterized as Ca2+-activated
Cl− channels (CACCs) [126–130], while TMEM16F was identified as a Ca2+-activated nonselective
cation channel [124], and is essential for the Ca2+-dependent scramblase activity [122, 124]. The
roles of the other members remain poorly understood, many of them were suggested to function as
scramblases [117]. Despite the broad range of functions, experimental studies on TMEM16 proteins
have demonstrated a similar mode of Ca2+ activation throughout the family [115, 116]. The high
sequence similarities among the homologues suggest a basic structure as well as mechanism of action
that is commonly shared by the family members [131–133]. Thus, investigating the mechanistic
details of the scramblase and ion channel function, especially the activation by Ca2+ ions will
not only shed light on the potential scrambling and ion conduction mechanism but also provide a
framework for unraveling the functional mechanisms of other TMEM16 members.
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1.2.1 Molecular Structural Features
The recently crystallized structure of a TMEM16 family member from fungi N. haematococca (nhT-
MEM16), provides the first insight into the architecture of TMEM16 proteins [134]. nhTMEM16
functions as a Ca2+-activated lipid scramblase, which facilitates the passive bidirectional transport
of diverse lipids between the two leaflets of the membrane [134]. The nhTMEM16 protein is orga-
nized as a dimer of two identical subunits, each subunit contains ten transmembrane helices. The
most intriguing feature of the structure is a hydrophilic aqueduct located on the opposite surface of
each subunit from the dimer interface. This aqueduct harbors the highly conserved Ca2+-binding
site for two Ca2+ ions and is exposed to the lipid bilayer as a potential site of lipid scrambling
(Fig. 1.5). Although the static structure of the lipid scramblase gives insight into the potential
site of catalysis, there were no lipophilic molecules resolved in the crystal structure. Hence, to
characterize the specific features of the protein and identify the relationship between the structural
features and the mechanism of functions, detailed atomic information of the dynamic interactions
between the scramblase and its lipid environment is needed.
Figure 1.5: Scramblase surface hydrophobicity. Molecular surface representation of nhTMEM16 crystal struc-
ture, colored according to the hydrophobicity scale of Kyte and Doolittle (Cyan = hydrophilic (-4.5), Orange
= hydrophobic (4.5)), illustrating the hydrophilic surfaces near the entrances of the aqueduct, exposed to
the hydrophobic core of the membrane. The initial headgroup region of the lipid bilayer is represented by
the phosphorus atoms of the headgroups shown as tan spheres.
12
1.2.2 Dual Function of nhTMEM16 Scramblase
A recent study on nhTMEM16 indicated that this lipid scramblase also function as a Ca2+-activated
nonselective cation channel [135]. Thus raises another major question concerning the TMEM16
proteins - how is the same structure accommodate such a diversity of functions. The crystal
structure of nhTMEM16 does not offer an obvious alternative pathway for ion permeation through
the bilayer other than the hydrophilic aqueduct exposed to the membrane interior. Atomistic
details on the structural and functional properties of nhTMEM16, especially the pathway for lipid
translocation as well as ion permeation, will not only provide mechanistic insights into the overal
understanding of the scrambling mechanism, but also add critical information on our knowledge of
the ion channel function of the TMEM16 members.
Chapter 6 of this dissertation sought to investigate the mechanistic details of three critical
aspects involved in the substrate transport processes of nhTMEM16: the pathway that mediates
the rapid redistribution of lipid polar headgroups across the hydrophobic core of the membrane,
the pathway for ion conduction through the membrane, and the molecular basis of the Ca2+-
dependence. In this study, both MD simulations and experimental methods (H. Criss Hartzell,
Emory University) have been applied in order to investigate these critical aspects of protein func-
tion. By performing extended MD simulations, a membrane-traversing lipid translocation aqueduct
was observed on the protein surface, effectively connecting the inner and outer leaflets of the bilayer.
Spontaneous binding of lipid headgroups to the aqueduct is observed in the Ca2+-activated system,
exhibiting a number of specific residues in the aqueduct that favor lipid headgroup binding. More-
over, by applying external electric field to generate voltage difference across the membrane, the
permeation of Na+ ions from the extracellular bulk to the intracellular bulk via the same structural
path - the fully hydrated aqueduct was observed, which provides the first atomisitc information on
the ion permeation pathway of TMEM16. Furthermore, simulation also demonstrated that Ca2+
ions play a key role in determining the functional conformation of the lipid aqueduct, which is nec-
essary for full hydration of the aqueduct and smooth diffusion of headgroups along the aqueduct.
These findings not only characterize the entire lipid and ion translocation pathway but also uncover
the nature of Ca2+-dependence at atomic level, thus add a crucial layer of details into the overal
understanding of TMEM16 proteins.
13
2 Overview of Methods1
Simulation with classical molecular dynamics (MD) [136] is a compelling addition to the scientific
arsenal, going beyond the resolution and interpretation limitations of conventional experiment to
provide models of these systems at arbitrary resolution. Crucially, MD permits atomic events (such
as a side chain rotation or the formation of a salt bridge) to be observed on a single molecule level,
allowing the effect of specific mutations or binding events to be captured for biological assem-
blies [137].
The resolution offered by MD is particularly important because transporters are inherently dy-
namic, which can cause difficulties for experimental observation. While static methods such as
X-ray crystallography [138] or cryo-EM [139,140] are indispensable to determining a 3D structure,
they are missing some of the rich details that can only be obtained by exploiting the unparalleled
simultaneous spatial and temporal resolution of MD simulation [141,142]. Instead, ensemble spec-
troscopy techniques such as NMR [143, 144] or EPR [145] as well as single molecule techniques
such as FRET [146] have had the greatest success in probing transporter conformational change.
However, due to resolution restrictions on these techniques, computational modeling and MD also
have a role to play.
The relationship between simulation and experiment can best be thought of as a symbiotic
one [147, 148]. Simulation is impossible without the high-resolution experimentally-derived struc-
tures. Likewise, experiment is driven forward by understanding of the interactions present in the
1The materials presented in this chapter were published in:
1) Giray Enkavi, Jing Li, Pochao Wen, Sundarapandian Thangapandian, Mahmoud Moradi, Tao Jiang, Wei Han
and Emad Tajkhorshid,“A Microscopic View of the Mechanisms of Active Transport Across the Cellular Mem-
brane”.Annual Reports in Computational Chemistry, 10:77-125, 2014 [1].
2) Joshua V. Vermaas, Noah Trebesch, Christopher G. Mayne, Sundarapandian Thangapandian, Mrinal Shekhar,
Paween Mahinthichaichan, Javier L. Baylon, Tao Jiang, Yuhang Wang, Melanie P. Muller, Eric Shinn, Zhiyu Zhao
and Emad Tajkhorshid, “Microscopic Characterization of Membrane Transporter Function by in Silico Modeling and
Simulation”. Methods in Enzymology, 578:373-428, 2016 [2].
14
system at the nanoscale. Later chapters of this dissertation will describe how the computational
techniques were used to probe a system of interest, and the fruitful collaboration with experiment
that improve the final scientific result.
2.1 Molecular Dynamics (MD)
Molecular dynamics (MD) is a computational method to investigate the dynamics of molecules
based on classical and statistical mechanics [149]. The simulation system is composed of a collection
of particles connected with bonds to reflect their chemical properties. The interaction between the
particles in classical MD simulations is defined by a predefined potential energy function. The
potential energy functions, called “empirical force fields” in this case, are designed to reproduce
chemical and thermodynamic properties of the molecules using experimental data and quantum
mechanical calculations as a reference. Typical force fields generally include potential energy terms
describing bonded (bonds, angles, dihedrals) and non-bonded (van der Waals and electrostatic)
interactions:
U = Ubond + Uangle + Udihedral + UvdW + Uelec
The number of bonded terms is generally smaller and the non-bonded interactions usually form the





where ke is Coulomb’s constant, r is the distance between the two atoms with charges, qi and qj .







where ε is the well depth, σ is the distance at which the potential is zero.
The negative gradient of the potential energy, U , with respect to the coordinates, ~r, is used to
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calculate the force, ~F , acting on each atom:
~F = −~∇U.
Integration of the Newtonian equations of motion [149,150] is required to propagate the positions,
~r, and the velocities, ~v, of atoms in time, t:







where m is the mass and ~a is the acceleration. Several thermodynamic and dynamic properties of
the systems can be assessed from the trajectories generated by MD simulations.
MD simulations require calculation of interactions between each pair of particles in the simulation
system, making them highly dependent on developments of algorithms and computer technology
for efficient performance [151]. Despite being computationally demanding and therefore limited by
the accessible time-scales, MD provides dynamical information at high spatial and temporal reso-
lutions. MD studies have successfully complemented experiments for a wide range of biomolecular
systems and phenomena, including membrane transport proteins and their mechanisms [44,46,152].
Continuous algorithmic improvement, availability of faster hardware, better force fields, and en-
hanced sampling techniques continue to close the gap between simulations and experiments mainly
by improving the accessible time scale of MD [153–156].
2.2 Simulation System Preparation
MD simulations require a set of initial coordinates and velocities to start the integration of Newton’s
equations of motion. While the initial velocities are randomly selected from a Maxwell-Boltzmann
distribution, initial coordinates are generally obtained from experiments that provide atomistic
resolution, especially in the case of biomolecular simulations. For any level of biomolecular simula-
tion, a correct starting structure is essential to the validity of the results. For simulations discussed
in this dissertation, the starting coordinates for a 3D structure were generally retrieved from the
Protein Data Bank (PDB) [157–159].
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2.2.1 Protein Structure Refinement
Once a starting point was obtained, there are a number of additional technical elements that were
checked prior to starting simulation, including the completeness of the structure and protonation.
PDB structures from crystallographic data are often missing pieces of the native protein, which
were too floppy or dynamic to be well resolved in the crystal lattice. To fill in these gaps, Su-
perLooper [160] was used to generate candidate models for membrane protein loops, in order to
complete the protein structure. The missing atoms such as hydrogens were added using psfgen
implemented in VMD [161].
For ionizable residues such as histidine or aspartate, their pKa can shift dramatically depending
on their protein environment. To determine the protonation states of the ionizable residues, the
pKa of each and every residue was estimated using PROPKA [162,163]. When combined with the
PDB2PQR originally designed for Poisson-Boltzmann electrostatics calculations [164], PROPKA
generates an output that assigns protonation locations, including the always ambiguous histidine,
which has two neutral forms.
2.2.2 Membrane Structure Construction
To build a molecular model for a membrane-embedded system, the protein is usually inserted into
a rectangular patch of a lipid bilayer. Prior to assemble a membrane system, it is important to
consider what lipid composition is most appropriate for the transport protein in question. Single
composition membranes containing phosphatidylcholine (PC) and phosphatidylethanolamine (PE)
lipids are commonly used because they represent the largest components of steady state mammalian
and bacterial cell membranes respectively [165, 166]. The location of the membrane protein must
also be considered; mitochondrion, for example, have high levels of cardiolipin, a bacterial lipid not
found elsewhere in mammalian cells [167]. Yeast and bacterial cells have a membrane composition
that can differ substantially from mammalian cells. Context in which the transporter operates
should be taken into account as well. For proteins function on activated platelets or cells undergoing
apoptosis, such as the scramblases, it is likely that they interact more frequently with charged lipids
flipped from the inner membrane [118]. Thus, in the scramblase systems, phosphatidylserine (PS)
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lipids are also included in the inner leaflet of the membrane bilayer, in order to approximate the
eukaryotic membrane in vivo, where PS is preferentially located in the inner leaflet. The PS
concentration (33.3%) is strongly enriched in the mixed lipid composition, to enhance the chance
for the embedded scramblase protein to interact with the lipids. This enrichment depends on the
assumption that the protein in study locally enhance the concentration of certain lipids from the
heterogeneous lipid distribution in live cells, and is likely true for proteins with specific lipid binding
sites.
Once the lipid composition for the simulation has been determined, the CHARMM-GUI mem-
brane builder [168] is used to generate a lipid patch of appropriate size for the system. CHARMM-
GUI includes most physiological mammalian and bacterial phospholipids, permits the membrane
geometry to be selected, and contains an interface to alternative membrane representations that
accelerates lipid diffusion [169].
2.2.3 Membrane Protein Placement
Transmembrane proteins typically have a very distinct belt-like region in contact with the mem-
brane. This region may not be obvious merely through visual inspection alone. In order to orient
and place the protein correctly relative to the membrane, the PPM (Positioning of Proteins in
Membrane) web server [170–173] is used to automatically identify the hydrophobic belt region of a
transmembrane protein. This is done by minimizing the transfer energies of the membrane protein
from water to an artificial lipid bilayer [173]. This is a crucial step because the function of the
membrane protein is greatly affected by the lipid-protein interactions. Misplacement of the ori-
entation of the protein and mismatch of the protein hydrophobic belt and membrane bilayer may
lead to long equilibration requirements or misleading conclusions.
The module named “Membrane Builder” from the web application CHARMM-GUI [168,174,175]
is then used for inserting the protein into the bilayer. The algorithm used by CHARMM-GUI
“Membrane Builder” first determines the lipid head group position on the two membrane surfaces
via a simulation with pseudo atoms that surround the embedded protein [174]. The pseudo atoms
are then replaced by full lipids selected from a conformer library with 2000 distinct conformations
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taken from a MD trajectory, generating a membrane embedded membrane protein.
2.2.4 Simulation Conditions
The membrane-embedded protein system is then placed in a box of water, and ions are added to
achieve a desired concentration and a charge neutral system. The VMD plugin solvate was used
for the solvation, and the TIP3P [176] was used as the water model. The VMD plugin autoionize
was used for the ionization, where 150 mM NaCl was used for the simulations. In many cases,
while functionally relevant molecules co-crystallized with the protein, such as ligands, are kept,
remnants of the crystallization conditions, such as detergents, are removed from the system. While
the force field parameters have been developed and optimized for standard molecular systems, such
as protein residues, nucleotides, and lipid molecules [15,177], parameters for ligands either have to
be developed by analogy from the available force fields or parameterized using quantum mechanical
methods used for force field development [178].
MD simulations were carried out with NAMD2.9 [179] using the CHARMM-CMAP and CHARMM36
force fields parameter sets [15,177,180,181] to model the proteins and lipids, respectively. The pe-
riodic boundary condition (PBC) was used to surround the simulation box with an infinite number
of copies of itself, thus minimize the surface effects due to the size of the simulated systems. The
particle mesh Ewald (PME) method [182] was used to calculate long-range electrostatic interactions
every 4 fs. A smoothing function was employed for van der Waals and short-range electrostatic
interactions at a distance of 10 A˚ with a cutoff of 12 A˚. The bonded interactions and the short-range
non-bonded interactions were calculated every 2 fs. The pairs of atoms whose interactions needed
to be evaluated (neighbor list) were updated every 20 fs. A cutoff (13.5 A˚) slightly longer than
the non-bonded cutoff was applied to search for the atom pairs. To reproduce physiological and
experimental conditions, all simulation systems were subjected to Langevin dynamics [183] with
the damping coefficient γ of 1 /ps and the Nose´-Hoover Langevin piston method [183–186] with the
piston period of 200 fs to maintain the constant pressure (P = 1 atm) and temperature (T = 310 K)
(NPT).
The simulations are started with a brief relaxation (1-5 ns) of the membrane and the solvent,
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where the protein atoms are constrained to allow adjustment of the newly added environment of
lipids and solvent to the protein. The production simulations are then performed after removing
the constraints up to µs time depending on the system and the problem.
2.3 Nonequilibrium Simulations
Many biologically relevant phenomena in biomolecular systems generally take place in time-scales
that are currently inaccessible to MD. To describe such long time-scale events, various nonequilib-
rium and biased simulations methods have been developed [187–194].
2.3.1 External Electric Field
Osmotic imbalances between the interior and the exterior of a biological cell cause electrostatic
potentials of a few hundred millivolts across the membranes. Transmembrane potentials function-
ally affect the conformation and permeation properties of membrane proteins. With regard to the
particular subject under investigation, ion permeation through the membrane protein could be fa-
cilitated by applying an external electric field to induce a voltage difference across a pore-containing
membrane. The principles behind the such nonequilibrium simulations are the same of those be-
hind the patch-clamp experiments, where electrodes are placed at opposite sides of a membrane to
produce an electric field, in order to study the behavior of membrane proteins under the action of
a controlled electrostatic potential. In these nonequilibrium simulations, the electric field, which is
specified as a vector, is applied to all atoms in the system, resulting in an electrostatic potential
drop across the simulation cell. Note that unusually large electrostatic potentials might be used in
order to obtain results during the short time-scales achievable by simulations.
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3 Differential Anion Binding and
Proton Coupling in ClC-ec11
3.1 Introduction
The coupling between the transport of different chemical species is at the heart of the mechanism
of function of secondary transporters. In order to achieve stoichiometric transport of two ions, the
transporter protein needs to be equipped with a precise molecular mechanism through which the
translocation of the two (ionic) species are coupled. Despite the central role of this phenomenon in
a large number of transporters, the underlying molecular mechanism is by and large lacking in the
field of membrane transporters. This chapter investigates this mode of operation in a representative
member of the H+/Cl− antiporters.
CLC transporters catalyze transmembrane exchange of Cl− and H+ necessary for pH regulation
of key physiological processes [64–67]. One intriguing transport property of CLC proteins - both
channels and transporters - is their ability to conduct various anionic species [50–55], namely, Cl−,
Br−, I−, NO−3 , and SCN
−, with the permeability ratios varying within a factor of 10 for different
anions and different CLC proteins [50–55, 195–197]. Characterizing the interaction of different
permeant anions is of special significance in mechanistic studies of CLC transporters, due to widely
different levels of H+ coupling, or complete lack thereof, among different anions. While Cl−, Br−,
I−, NO−3 , and SCN
− all can pass through the anion selectivity filter with similar efficiencies, they
exhibit strikingly different couplings to H+. In ClC-ec1, a prokaryotic homolog representing the
best structurally and biophysically characterized CLC transporter, Cl− is transported with strict
1The materials presented in this chapter were published in:
1) Giray Enkavi, Jing Li, Pochao Wen, Sundarapandian Thangapandian, Mahmoud Moradi, Tao Jiang, Wei Han
and Emad Tajkhorshid,“A Microscopic View of the Mechanisms of Active Transport Across the Cellular Mem-
brane”.Annual Reports in Computational Chemistry, 10:77-125, 2014 [1].
2) Tao Jiang, Wei Han, Merritt Maduke, and Emad Tajkhorshid. Molecular Basis for Differential Anion Binding and
Proton Coupling in the Cl−/H+ Exchanger ClC-ec1. Journal of the American Chemical Society, 138 (9):3066-3075,
2016 [3].
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2Cl−/1H+ stoichiometry, whereas NO−3 shows a weaker coupling of 7-10 NO
−
3 for each H
+, and
SCN− is transported without any measurable H+ transport, i.e., complete lack of coupling [55].
It is notable that the 2Cl−/1H+ stoichiometry has been shown not only for bacterial ClC-ec1,
but also for cyanobacterial syCLC [198], algal cmCLC [95], mammalian endosomal ClC-4, and ClC-
5 [57, 59], and mammalian lysosomal ClC-7 [199]. Moreover, anion-dependent uncoupling has also
been observed in ClC-4 and ClC-5, which show less H+ countertransport with NO−3 , and almost
complete loss of H+ transport with SCN− [196,197,200].
Characterizing the interaction of the impermeant anion F− is also of interest. For many years, it
was thought that the F− ion’s lack of detectable permeation through CLC transporters [201] and
channels [50,202] was due to the ion’s strong hydration. However, a recent study demonstrated that
the dehydrated F− ion binds in the anion-permeation pathway with similar affinity to Cl− [203].
While crystallography has pinpointed binding interactions [203], an understanding of the dynamics
of these interactions will add critical detail to our understanding of the mechanism by which F−
inhibits the transport cycle. Worth noting, CLCs from a recently discovered prokaryotic clade,
named CLCF , function as F−/H+ exchangers [204–206]. These homologs are phylogenetically
distant from the canonical CLCs: they share only ∼20% sequence identity even to other prokaryotic
CLCs, and they lack key signature-sequence residues. Structures have not yet been determined for
these unique CLCs. The focus of the work presented here is on the interaction of F− with the
canonical CLC transporters.
Even though the inner workings of Cl−/H+ exchange remains poorly understood, plenty of ex-
periments and modeling studies of ClC-ec1 on the basis of its crystal structure have confirmed the
importance of Cl− occupancy at Scen for the Cl−/H+ exchange and coupling [55, 60, 63]. Electro-
physiological studies showed that substitution of small residues at Y445, one of the Scen coordinating
residues, leads to a loss of H+ coupling to Cl− transport [63,207], which strikingly correlates to the
decrease of apparent halide occupancy at Scen measured crystallographically [63]. The parallel loss
of electrophysiologically measured H+ coupling and crystallographically determined Scen occupancy
is also observed in wild-type (Y445-containing) ClC-ec1 when Cl− is replaced by small non-halide
anions [55]. For example, X-ray crystallographic analysis of ClC-ec1 demonstrated that SeCN−
(the crystallographic analog of the uncoupling anion SCN−) does not detectably occupy the Scen
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binding site [55]. Presumably, the partial uncoupler NO−3 may partially occupy this site; however,
the crystallographic resolution of ClC-ec1 structures are too low to unambiguously determine NO−3
occupancy. The impermeant F− can be discerned crystallographically at the Scen binding site.
Its strong H+-bond to the protonated Gluex (mimicked by a Gluex–Gln mutation) provides a nice
rationale for how this ion can halt the transport cycle [203]. However, there may be additional
effects of the F− ion not detectable in static crystal structures. To fully understand the relationship
between anion binding and H+ transport (and therefore the mechanism of coupling itself) we need
to develop a deeper understanding of the detailed atomic interactions at the Scen binding site.
Elucidating the degree of H+ coupling to different anions in ClC-ec1 depends on the under-
standing of the H+ transport pathway across the membrane. In contrast to the well defined Cl−
transport pathway [61, 63, 208], the H+ pathway remains relatively under-investigated, except for
the identification of the two critical H+ transfer sites E148 (Gluex) and E203 (Gluin) in ClC-
ec1 [58, 62, 69, 70, 207, 209]. These two H+ sites, however, are separated by a ∼15-A˚ hydrophobic
region within the central part of ClC-ec1 void of any polar/charged groups capable of support-
ing H+ transfer. Previous studies examining the H+ transport mechanism suggested that water
networks occupying the hydrophobic regions of proteins could be utilized as H+ translocation path-
ways [82–87]. Earlier simulations in our group also revealed that dynamical hydration of the central
region leads to spontaneous formation of water wires that connect Gluex and Gluin, which is assisted
by Cl− ion bound at the Scen site (Fig. 1.2B) [60]. These water wires may mediate H+ transport
between the two H+-binding sites.
This chapter systematically evaluates the differential binding modes of chemically diverse anions
at the Scen site and their effect on water wire formation between Gluex and Gluin in ClC-ec1 at an
atomic level. The motivation was to construct a qualitative explanation that connects the chemical
nature of anionic substrates with their ability to assist in the coupled H+ transport. Our results
infer that the difference in the anion/H+ coupling is due to their influence on the formation of
water wires connecting Gluex and Gluin, which could be essential for H+ transport. This view adds
a crucial layer of detail to our understanding of the Cl−/H+ coupling mechanism.
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3.2 Materials and Methods
3.2.1 Construction of the Membrane-embedded ClC-ec1 Model
The ClC-ec1 crystal structure (PDB ID: 1OTS, solved at 2.51 A˚) [62], including all crystal water
molecules, was used for the MD simulations. The program DOWSER [210] was used to guess
additional water molecules within the protein. DOWSER placed 49 additional water molecules
(referred to as “solvation” water molecules, hereafter) in energetically favorable positions. As
suggested by multiple computational studies [87,211,212] using various force fields, one additional
molecule was placed between the carboxylate group of E148 and the anion at Scen in each subunit,
in order to stabilize the two negative charges in close proximity. For the solvation water molecules
(i.e., those added by DOWSER), those in the central hydrophobic lumen of the protein (referred
to as the “hydrophobic region”, hereafter) were removed prior the simulations to ensure that the
hydration of the hydrophobic region is not artificially biased by our initial setup. E148 and E203
were modeled in their deprotonated (charged) forms, while E113 was protonated according to the
thorough pKa analysis on titratable residues of the protein using Poison-Boltzmann electrostatic
calculations [213]. The protein was embedded into a POPE lipid bilayer, fully solvated with TIP3P
water [214] and buffered in 0.15 M NaCl. The resulting system, contained in a 105× 105× 110 A˚3
simulation box comprising of ∼110,000 atoms.
3.2.2 Simulation Protocols
Long Simulations
ClC-ec1 systems with either Cl−, F−, NO−3 , or SCN
− bound at Scen in both subunits were
simulated. The simulation system of Cl−-bound ClC-ec1 was adopted from our previous study [60].
The systems with the other anions were generated by replacing the Cl− at the Scen site with either
F−, NO−3 (N replacing Cl
−), or SCN− (C replacing Cl−). All simulation systems included ClC-ec1
dimers, therefore providing two independent copies of the anion-bound systems to be examined (we
note that the two subunits in the crystal structure of ClC-ec1 are not identical).
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For each of these four systems, 5000 steps of energy minimization were performed, followed by
an initial equilibration of 1 ns, during which the protein atoms and oxygen atoms of the crystal-
lographic water molecules were positionally restrained (k = 2 kcal/mol/A˚2). Harmonic potentials
(k = 0.1 kcal/mol/A˚2) were also applied on water molecules to keep them out of the membrane.
This stage allows the movement of lipids such that better packing around the inserted protein will
be achieved. After the initial relaxation simulations, 350-400 ns of unrestrained simulations were
performed for each system.
Short Simulations
To ensure that the absence of water wires in the case of SCN− was not caused by the limited
simulation time, an additional set of 20 short simulations in the presence of SCN− were performed.
Each simulation was initiated with a Cl−-bound ClC-ec1 structure containing the most represen-
tative water wire (obtained from the Cl−-bound simulation) [60]. The Cl− was then replaced by
SCN− while keeping the pre-formed water wire. The system was then energy-minimized (5000
steps), and simulated for 0.5 ns with positional restraints on all protein atoms and oxygen atoms
of the water wire (pre-equilibrium). Then 20 1-ns simulations with different initial velocities were
carried out during which the stability and lifetime of the water wires were evaluated.
3.2.3 Analysis Tools
Pore radius profiles were calculated using HOLE [215]. Radial distribution function (RDF) cal-
culations were performed using g(r) embedded in VMD. The hydrated radius was defined as a
distance cutoff which encompassed the first density peak in the RDF. The coordination number
was determined as the average number of protein or water hydrogen atoms within the hydrated
radius.
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3.3 Results and Discussion
3.3.1 Protein Stability
ClC-ec1 was simulated in the presence of four different anions (Cl−, F−, NO−3 , or SCN
−), in
order to investigate and compare the mode of binding of these ions and their impacts on protein
structure and dynamics, and on the hydration pattern of the protein lumen. During the simulations,
the overall protein structure remains stable (average backbone RMSD < 1.5 A˚ for each subunit),
regardless of the type of anion bound at the Scen site (Fig. 3.1(a)). The configuration of the anion
conduction pore is also intact in the presence of different anions (Fig. 3.1(b) and (c)). In all the
cases, the average pore radius profile of the anion conduction pathway follows the trend observed
for the crystal structure (Fig. 3.1(c)). The two main bottlenecks, corresponding to the constriction
regions that occlude the anion from the aqueous solutions, are clearly preserved, although the
extracellular bottleneck shows a moderate (∼0.5 A˚) expansion relative to the crystal structure in
all the simulated systems (Fig. 3.1(c)). In general, the overall structure and dynamics of the protein
do not appear to be largely affected by the chemical nature of the bound anion.
3.3.2 Continuous Water Wires Arise in the Presence of Cl−
Cl− binds firmly at the Scen site in both subunits, where it is coordinated by the backbone amide
nitrogen atoms of I356 and F357, and by the side-chain oxygen atoms of S107 and Y445 (Fig. 3.2(a)).
The average interaction energies between the Cl− at Scen and individual residues throughout the
protein indicate that the Cl− binding is mainly supported by residues from three motifs: GIFAP,
GSGIP, and Y445 (Fig. 3.2(b) and Fig. 3.3). The Cl− coordination shell, involving both surrounding
protein residues and water molecules, is examined in detail by calculating the anion-hydrogen RDF
for protein and water hydrogen atoms, respectively (Fig. 3.4). The RDF analysis reveals that the
bound Cl− is coordinated, on the average, by five hydrogen atoms, with ∼1.6 of them originating
from water molecules (Fig. 3.6). To monitor the fluctuations of the Cl− coordination shell, we
quantified separately the involvement of protein residues and water molecules in the coordination
shell during the course of the simulation (Fig. 3.5). In both subunits, the Cl− ion is coordinated
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Figure 3.1: Protein structural dynamics in the presence of different anions. (a) Backbone RMSDs of indi-
vidual subunit shown as a function of simulation time for anion-bound simulations. (b) The RMSDs of all
heavy (non-hydrogen) atoms of the selectivity filter (SF) in the presence of different anions. (c) Comparison
of pore radius profiles of the crystal structure (black) and those of MD simulations (averaged over the whole
trajectory) with different anions bound at Scen (colored traces). The center of the bound anion at t = 0,
which corresponds to the Cl− position in the crystal structure, is set as the origin. The extracellular side is
towards the left (z < 0), and the intracellular side is towards the right (z > 0).
mainly by protein residues during the first 100 ns. Later, the ion becomes hydrated by 2-4 water
molecules located nearby Scen, usually lining the central hydrophobic region between Gluex and
Gluin.
To understand in detail the influence of Cl− on the surrounding water molecules that fall between
the two H+ sites, we characterize further the distribution of the Cl− hydration water molecules
along the axis defined by the carboxylate groups of Gluex and Gluin that is, the putative H+
pathway axis, see Fig. 3.6 (b)). A water molecule was considered as a hydration water molecule if
the shortest Cl−-water distance falls within 3 A˚. For both subunits, hydration water molecules are
observed uninterruptedly along the H+ pathway axis, including the region right next to the Cl−
ion (z = 0 A˚, Fig. 3.6(c)). The presence of a continuous array of hydration water molecules implies
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Figure 3.2: Anion binding modes. (a) Cl−, F−, NO−3 , and SCN
− (shown in van der Waals) bind distinctively
in the selectivity filter. For F−, NO−3 and SCN
−, two binding modes (Modes I and II) are observed in the
two subunits. Cl− exhibits only one binding mode. Selected residues in the vicinity of the bound anions are
shown. Coordinations of the bound anions by the protein residues are shown as dashed lines. (b) Interaction
energy between the bound anion and the four highly conserved motifs. Motifs (colored and labeled in the
left panel) forming the selectivity filter contribute the majority of the interaction energy between the anion
and protein. Residues in the rest of the protein show negligible anion-interaction energies (absolute value
< 0.3 kcal/mol per residue, with the exception of K131 (−0.3 – −0.7 kcal/mol)).
a favorable environment for hydrogen-bonded water wire to arise nearby the Cl− ion. Consistent
with this expectation, formation of continuous water wires is observed in both subunits of Cl−-
bound ClC-ec1 during the simulation [60]. Although the frequency of water wire formation in
Subunit I is almost three times of that in Subunit II, in both subunits water wires containing 6-7
water molecules arise frequently (Fig. 3.7(a)). The different behaviors observed in the simulations
for the two subunits may be due to the minor structural asymmetry of the subunits in the crystal
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Figure 3.3: Interaction energy between the anions at Scen and ClC-ec1. (a) A representative system used to
map the interaction energies on the protein. The protein is colored according to the residue-based interaction
energies with F−, which has very strong interactions with the binding-site residues. Bound F− ions are shown
as pink spheres. Residues with absolute interaction energy values larger than 0.1 kcal/mol are shown in van
der Waals. (b) and (c) Cumulative interaction energies between the bound anion and protein are in the
order of F− > SCN− > NO−3 > Cl
− in both subunits. Each sharp drop in the plots is resulted from the
strong interaction with a conserved motif within the ion-binding region (see Fig. 1).
structure (Fig. 3.1(a) and (b)), which results in differences in the micro-environments of the binding
sites and individual conduction pores. We note that the two subunits mediate Cl−/H+ exchange
independently [216].
3.3.3 Pseudo-water-wires Form in the Presence of F−
F−, which has a radius ∼0.5 A˚ smaller than Cl−, displays two binding modes around the Scen
site (Fig. 3.2(a)). In Subunit I, F− binds firmly at Scen (similar to what was observed for Cl−),
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Figure 3.4: Anion-hydrogen RDF for Scen bound anions with protein or water hydrogen atoms. RDF indicates
the variation of amino acid hydrogen density (a) or water molecule hydrogen density (b) with distance from
the center of the anion. The number integrals are represented by dashed lines. The first hydration shell is
defined by the first minimum after the major peak of the RDF, and the coordination numbers are obtained
by the corresponding number integral.
while in Subunit II, it moves upward after ∼40 ns and adopts a stable position somewhere between
Scen and E148 for ∼340 ns, with E148 side chain moving slightly toward the extracellular side
(Fig. 3.2(a)). The upward movement of F− results in hydrogen bond interactions between the F−
ion and backbone nitrogen atoms of E148 and G149; meanwhile, F− loses its direct contacts with
S107 and Y445 hydroxyl groups on the opposite side. Switching between these two binding modes
arises only in Subunit II on the timescale of our simulation.
The average coordination number for F− is slightly over 5 in both binding modes, which is
comparable to that of Cl−. However, a relatively larger portion of the coordination is contributed
by water molecules (∼3.5, Fig. 3.6(a)). Moreover, the simulation trajectory in the presence of F−
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shows no apparent dehydration phase for F− as seen in the first 100 ns simulation with Cl−. The
F− ion becomes hydrated quickly after the simulation starts and remains coordinated by ∼3 water
molecules throughout the simulation (Fig. 3.6(a) inset and Fig. 3.5). Due to its strong tendency
for hydration, F− exhibits a different arrangement of hydration water molecules when compared
to Cl−. In the Cl−-like binding mode (Mode I), F− is coordinated by water molecules from above
(z > 0; extracellular side), while contacting the side chains of S107 and Y445 on the opposite side.
In binding Mode II, F− is sandwiched by water molecules both from above (z > 0) and below
(z < 0) (Fig. 3.6(c)).
The distinct pattern of hydration of F− appears to be the main reason for not observing the
formation of continuous water wires between Gluex and Gluin in either subunit during the sim-
ulation. Detailed inspection revealed that in binding Mode II, F− can be actually connected to
Gluex and Gluin by separate, shorter water wires, involving about 7 water molecules. The separated
water wires together with the F− ion form pseudo-water-wires connecting the two H+ sites that are
however intervened by the anion (Fig. 3.7(b)), indicating an essential difference between F− and
Cl−.
3.3.4 Shorter Pseudo-water-wires Intervened by NO−3
NO−3 is a polyatomic anion and exhibits a more complex chemical structure involving three oxygen
atoms at corners of a triangle sharing the negative charge around a central nitrogen atom. Similar
to the F−-bound system, the simulation of ClC-ec1 with NO−3 reveals two possible binding modes
for the anion. In Mode I, NO−3 is fitted into Scen with one of its oxygen atoms coordinated by the
backbone nitrogen atoms of I356 and F357, and the other two oxygen atoms coordinated by the
side chain hydroxyl groups of S107 and Y445, respectively (Fig. 3.2). Mode I is relatively more
populated and is observed in both subunits. In Mode II, NO−3 exhibits a similar behavior to F
− in
its binding Mode II, in that NO−3 moves upward to a position between Scen and E148 and pushes
away E148 side chain by ∼2.30 A˚. This binding mode involves hydrogen bond interactions between
the oxygen atoms of NO−3 and the backbone nitrogen atom of G149, instead of direct interaction
with S107 and Y445 hydroxyl groups (Fig. 3.2). Binding Mode II only occurs in Subunit I for
∼150 ns (t= 10-160 ns), before NO−3 moves back to the original, Scen binding site.
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Figure 3.5: Coordination number of bound anions as a function of simulation time. Panels from top to
bottom in each case denote the coordination number for all ligands (black), for protein hydrogen atoms
only (red), and for water hydrogen atoms only (blue), respectively. The scales for coordination number (y
axis) are different, but the range is 8 A˚ for all panels. The coordination numbers of NO−3 and SCN
− show
large fluctuations due to their extensive coordination to the protein. Both NO−3 and SCN
− are minimally
hydrated during the simulations compared to the halide anions Cl− and F−.
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According to the RDF profiles, NO−3 establishes a more extensive coordination to its environment
compared to Cl− and F−, but much fewer of them (∼0.5) arise from anion-water interactions
(Fig. 3.6(a) and Fig. 3.4), suggesting that this large polyatomic anion relies less on interaction with
water in order to be stabilized when bound at Scen. During the simulation, NO−3 is only minimally
hydrated (Fig. 3.5), resulting in differential hydration configurations along the H+ pathway axis
(Fig. 3.6(c)).
In binding Mode I, hydration water molecules are observed along the H+ pathway axis except for
the area right beside the anion (z = 0), while in binding Mode II, only the region above the bound
NO−3 is hydrated (z > 0, Fig. 3.6(c)). As a result, pseudo-water-wires only arise when the anion
is in binding Mode II. Compared to the pseudo-water-wires formed in the presence of F−, those
involving NO−3 favor shorter water wires, often containing only four water molecules (Fig. 3.7(c)).
The difference between the pseudo-water-wires involving F− and NO−3 can be attributed to the
different sizes of the anions. In particular, due to its geometry involving multiple negatively charged
sites (oxygen atoms), NO−3 appears larger effectively reducing the spatial gap between the Gluex
and Gluin for formation of pseudo-water-wires.
3.3.5 SCN− Eliminates the Water Wires
The other polyatomic anion investigated, SCN−, has a linear chemical structure which extends to
4.77 A˚ in length [217]. Due to its long shape, SCN−, which was initially centered at Scen in both
subunits, rotates and shifts immediately after the simulation starts in order to optimally fit into
the available space, resulting in two different binding orientations in the two independent subunits
(Fig. 3.2(a)). Both binding orientations of SCN− were stable over the simulation time.
Because of its larger size, SCN− occupies Scen while extending almost to Sext in both orienta-
tions, stabilized by its interaction (7-8 kcal/mol) with motif GREGP (Fig. 3.2(a) and (b)). In one
orientation (Mode I), the sulfur atom of SCN− is coordinated by the backbone nitrogen atoms
of G149, I356, and F357, while the nitrogen atom of the anion is coordinated by the side-chain
hydroxyl groups of S107 and Y445. In the alternative orientation (Mode II), SCN− adopts an
opposite configuration and binding coordination (Fig. 3.2(a) and (b)).
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Figure 3.6: Anion solvation by protein and water. (a) Anion coordination numbers obtained from radial
distribution function (RDF) analysis (see Fig. 3.4) with protein or water hydrogen atoms. Inset shows an
example of anion coordination, depicting F− surrounded by at least three water molecules on the average.
(b) The H+ pathway axis is defined by the Gluex and Gluin carboxylate groups. (c) The distributions of
anion hydration water molecules along the H+ pathway axis. Blue curves (N) indicate the anion hydration
water is only located above the anion (z > 0, extracellular side); red curves () indicate the anion hydration
water is observed both above (z > 0, extracellular side) and below (z < 0, intracellular side) the anion; and
black curves (•) indicate the anion hydration water exists along the H+ pathway axis including the region
right next to the anion (z = 0). The center of the bound anion is set as the origin.
SCN− fills up a larger portion of the space within the binding region, resulting in very large
coordination to its environment (Fig. 3.6(a)). RDF calculations revealed that SCN− is only weakly
hydrated in either binding mode, with only ∼0.3 of the coordination arising from anion-water
interactions (Fig. 3.6(a) and Fig. 3.4). Specifically, the hydration water molecules are only observed
above the bound SCN− ion (z > 0) in either binding mode (Fig. 3.6(c)). Hydration from the other
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side of SCN− (below it, z < 0) is not observed, since the central hydrophobic region remains
dehydrated in the presence of this anion. Consequently, neither water wires nor pseudo-water-
wires are observed to form in the presence of SCN− (Fig. 3.7(d)), suggesting that water wires
necessary for H+ are unlikely to be supported by this anion.
To preclude the possibility that the absence of water wires in the case of SCN− was merely due to
the limited simulation time, we also examined the stability of pre-formed water wires in the presence
of SCN− through a set of short simulations. These simulations all started from a configuration in
which the water wires had been formed (adopted from Cl−-bound simulations), and were done in
the presence of SCN−. The pre-formed water wires diminish quickly in all the simulations, and
SCN− breaks the water wires immediately after the simulations start, by inserting either its sulfur
or nitrogen atom into the water wires (Fig. 3.6(e)). The lifetime of water wires averaged over 20 1-
ns runs is 0.024±0.026 ns with SCN−, which is significantly shorter than 0.6±0.2 ns for Cl−-bound
ClC-ec1 [60].
3.4 Summary and Perspective
The molecular origin of coupled Cl−/H+ exchange is a central mechanistic aspect of CLC trans-
porters. Understanding the atomic details underlying differential H+ coupling of various anions
constitutes a major question that motivated this study. To address this question, we performed
extended equilibrium MD simulations to investigate differential binding modes of different anions
transported by ClC-ec1 to Scen and to determine whether and how they may affect the formation of
water wires within the lumen, which in turn may be an important component of the H+ transport
reaction [60,87]. The most important points of the simulation study with ClC-ec1 are summarized
below.
(1) Bound protein structure X-ray crystallographic studies of ClC-ec1 suggest that the bound
anion does not induce major changes in the overall structure of the protein [55]. Our RMSD results
and pore profile calculations (Fig. 3.1) confirm that the protein structure is not compromised by
binding of the studied anions, which also include large, non-halide species, and that the binding
site/region can accommodate both the physiologically relevant Cl− ion as well as other anions,
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Figure 3.7: Effect of anion bound at Scen on formation of water wires. (a) Continuous water wires arise
in both subunits in the presence of Cl− [60], following a normal distribution dominated by configurations
including 7 water molecules. (b) Pseudo-water-wires are observed only in Subunit II when F− binds in
binding Mode II. Those intervened wires follow a normal distribution dominated by 7 water molecules. (c)
Pseudo-water-wires formed in Subunit I when NO−3 binds in binding Mode II and follow an exponential
distribution dominated by 4 water molecules due to the large size of NO−3 . (d) Neither water wires nor
pseudo-water-wires are observed in the presence of SCN−. (e) Average probability of water wires obtained
from short (1 ns) simulations of ClC-ec1 with SCN− bound, starting from a pre-formed configuration of the
most representative wire structure.
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namely F−, NO−3 , and SCN
− (Fig. 3.1). Although the overall protein structure does not seem to be
affected by the type of anion bound at Scen, the details of the coordination and interaction between
the bound anion and protein/water vary significantly among the anions examined (Fig. 3.2 and
Fig. 3.6). X-ray crystallography of anion-bound ClC-ec1 suggests that F− binds to Scen similarly
to the biological substrate Cl− [203]. NO−3 and SCN
− have not been unambiguously localized, and
their binding modes not well characterized in ClC-ec1, due to low crystallographic resolution [55].
(2) Anion binding mode The present study provides a detailed description of the binding
modes of these anions in ClC-ec1. In contrast to Cl−, which binds stably at Scen, the same site
observed in the Cl−-bound crystal structures [61, 62], both F− and NO−3 are found to populate
two different binding positions (modes), one located at the original Scen site, and the other located
between Scen and E148. SCN−, due to its extended shape, occupies Scen while extending almost to
Sext with two possible (opposite) binding orientations. Despite the differential binding modes, all
anions stay at or around the Scen site, during the simulations, where they are stabilized by several
conserved motifs (Fig. 3.2). However, the cumulative interaction energy between the anion and the
protein varies in the order of F− > SCN− > NO−3 > Cl
− in both subunits, with the stabilization
of F− almost twice as favorable as that of Cl− (Fig. 3.3).
(3) Anion hydration feature In a previous computational study, Ko and Jo showed that
Cl− was coordinated by protein hydrogen atoms and no water molecules were observed along the
Cl− conduction pore when E148 was protonated and Cl− was pulled from the intracellular side
to the extracellular side along the pore axis [218]. Several other simulation studies focusing on
anion conduction, however, suggested that Cl− is partially hydrated [87, 211,212,219]. Our recent
study revealed that water molecules can enter the anion-binding region via the H+ pathway and
hydrate the initially dehydrated Cl−, a feature which we proposed to be critical to H+ transport
in ClC-ec1 [60]. Therefore, the configuration of the anion coordination shell, including the number
of water molecules in the first coordination shell, as well as the size and shape of the anion within
this shell, can be critical to anion-coupled H+ transport by the protein [220,221]. RDF and related
calculations reveal that the anions at Scen exhibit two types of coordination shell structures, with
distinguishable number of coordinations from protein and water molecules (Fig. 3.6(a)). Halide
anions (Cl− and F−) both exhibit an average coordination number of ∼5, while the polyatomic
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anions (NO−3 and SCN
−) establish a more extensive coordination (number of coordination > 10)
to their environment. Under equilibrium conditions, the physiologically transported anion, Cl−, is
the only one that supports full hydration along the H+ pathway axis (Fig. 3.6(c)), which we showed
to be a prerequisite for water wires to arise and connect Gluex and Gluin [60].
(4) Water wire types The observation that the anions at Scen exhibit distinct coordination
structures and hydration shells suggests that the functionally important water wires, which need
to arise nearby the anions, could experience different environments. Thus, we investigated further
the effect of various anions at Scen on the formation of water wires. Different types of water wires
were observed for various anions (Fig. 3.7). They can be classified into two types based on the
pattern of interaction with the bound anions as well as their configurations: (i) continuous water
wires, supported by the anion located nearby, which connect the two H+ sites seamlessly, and (ii)
pseudo-water-wires, where the anion participates in the wire and prevents water molecules from
forming a continuous hydrogen-bonded chain connecting the two H+ sites. The continuous water
wires are only observed in the presence of Cl−, while the pseudo-water-wires were observed for both
F− and NO−3 in their alternate binding modes (Mode II).
(5) Insight on F− Lim and colleagues recently showed that F− is coordinated much like Cl−
at Scen [203]. They also showed that F− binding to this site forms a strong hydrogen-bond to the
protonated Gluex, as revealed by the short distance between the F− ion and the Gln side-chain in the
E148Q mutant (where Gln mimicks the protonated Gluex). This strong hydrogen bond likely plays
a key role in slowing the transport cycle. However, there may be additional factors contributing to
the complete lack of F− transport. A hint that other factors may be involved is suggested by the
fact that the inner-gate mutant Y445A, which destabilizes Cl− (and presumably F−) binding to Scen
(see Introduction) retains wild-type selectivity against F− [203]. Our observation of the binding
Mode II for F− provides a microscopic view of how F− can bind in the permeation pathway away
from the Scen site. The pseudo-water-wires arising in this binding mode are likely an additional key
contributor to the transport selectivity against F−. This picture provides a compelling rationale for
the wild-type selectivity against F− observed in the Y445A mutant: since the pseudo-water-wires
only occur in binding Mode II, in which F− loses its direct contacts with S107 and Y445 hydroxyl
groups, the Y445A mutation will not affect the behavior of the protein toward F−. In the future,
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it will be of interest to determine whether water wires play a role in the mechanism of the CLCF
exchangers. Such an idea is speculative, given that the exchange stoichiometry of 1F−:1H+ implies
a significantly different exchange mechanism from that occurring in the canonical 2:1 Cl−:H+ CLCs.
Addressing this important question awaits a high-resolution structure of the CLCF homologs.
(6) Insight on NO−3 NO
−
3 , like F
−, induces the formation of pseudo water wires that are
intervened by NO−3 itself. Such water wires could allow occasional transport of H
+, but with less
fidelity than the pure water wires observed with Cl−. These pseudo water wires arise in binding
Mode II, where the NO−3 ion moves upward and has no direct interaction with the Scen-coordinating
residues S107 and Y445, which in losing their interaction with the ion form a hydrogen bond one
to another (Fig. 3.2(a)). Such a binding mode is never observed with Cl−. Thus, the simulation
predicts that these two residues are determinants of Cl−/NO−3 selectivity. Consistent with the
prediction, certain plant CLC homologs that function as 2:1 NO−3 :H
+ exchangers [222] have a
proline at position 107, which is a serine in all 2:1 Cl−:H+ exchangers. In ClC-5, mutating the
serine to a proline partially reproduces the plant phenotype, reducing the NO−3 /H
+ stoichiometry
from ∼10-25 to ∼2-8 (over the +60-120 mV voltage range examined) [223,224]. In ClC-ec1 mutating
this serine to a proline increases the binding affinity for NO−3 ∼4-fold [208]. Though it is not yet
known whether this change in binding affinity is paralleled by a change in NO3−3 /H
+ stoichiometry,
a crystal structure of this ClC-ec1 mutant together with MD simulations might further illuminate
mechanism of NO3−3 /Cl
− selectivity in CLC anion/H+ coupling.
(7) Insight on SCN− Early experimental studies showed a striking correlation between anion
occupancy at Scen and Cl−/H+ coupling stoichiometry in ClC-ec1. Specifically, the halides Br−
and Cl− are transported with a strict 2:1 exchange ratio to H+, whereas the pseudo halides, SCN−
and SeCN−, are transported in a completely uncoupled manner [55]. In ClC-ec1 crystal structures,
Br− density is clearly observed at Scen, while SeCN− is not [55]. Although difficult to interpret
these data mechanistically, it was speculated that low occupancy at Scen could somehow promote
occasional simultaneous opening of the inner and outer gates (which are in direct contact with
Scen), thus creating an anion leak that degrades the coupling stoichiometry. Our simulation results
provide an alternative explanation for uncoupling transport of non-halides: the disruption of water
wires that facilitate H+ transfer between Gluex and Gluin. The uncoupling ion SCN− remains bound
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in the vicinity of Scen (within the simulation time), but it is unable to sustain water wires. In this
model, uncoupled SCN− transport need not necessarily involve simultaneous opening of both gates
but could entail alternate opening of gates, similar to the alternate opening of gates that occurs
in the coupled transporter but no longer coordinated with H+ transport. Such an uncoupling
mechanism has precedent in ClC-ec1 Gluex mutations, where uncoupled Cl− transport involves
protein conformational change similar to that observed in the coupled transporter [225]. The idea
that uncoupled Cl− and SCN− transport share some similarities is consistent with the observation
that mutations at Gluin dramatically slow both Cl− and SCN− transport in ClC-5 [196]. We note
also that our observation of SCN− binding to Scen is not inconsistent with the crystallographic
studies, in which the lack of anion density at Scen could reflect high disorder rather than lack of
occupancy.
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4 Comparing Anion Selectivity in
ClC-ec1 and S107P Mutant
4.1 Introduction
The transport cycle of membrane transporters involves conformational changes at diverse length
and time scales. Some of these conformational changes, e.g., local rearrangements of side chains,
localized motions of loops, and even those of helices, can be characterized within the time scales
accessible to equilibrium MD simulations. These local structural changes can be captured by MD as
a manifestation of the natural vibrational motions of the protein as a response to the thermalization
of the crystal structure in its natural environment composed of lipids and water. Sometimes, the
structural changes take place beacause of specific simulation conditions, for example, in response
to placing/removing substrates, mutating residues, protonation/deprotonation events, etc. Such
conformational changes have been successfully elucidated by MD simulations of a large number of
membrane transporters [16–39, 226–228]. This chapter examines the local conformational change
induced by a single mutation in the Scen of ClC-ec1, which affects the binidng of anions at the Scen
site, thus may influence the transport and coupling mechanism in the H+/Cl− antiporters.
CLC transporters are known to exchange various inorganic anions with H+ countertransport [229,
230]. Proper function of the CLC transporters is strongly substrate dependent: different anions
markedly alter the degree of H+ coupling in the transporters. As discussed in Chapter 3, the
anion-dependent uncoupling has been observed in several CLC family members, including bacterial
ClC-ec1, as well as mammalian endosomal ClC-4 and ClC-5 [196,197,200], which normally exchange
two Cl− ions with one H+ across the cellular membrane during each transport cycle [57,59,64,68].
It is notable that the 2:1 anion:H+ stoichiometry has been shown not only for Cl− ions, but also
for NO−3 ions in certain plant CLC homologs [222]. Although these plant CLC transporters share
the same fundamental property of being anion/proton exchangers, they display different anionic
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specificity compared to their bacterial and mammalian homologs. Understanding the molecular
origins of anion selectivity is essential to the overall understand of the H+ coupling mechanism in
CLCs.
Figure 4.1: The role of S107 in regulating selectivity and anion binding. (a) The alignment of a sequence
stretch comprising the conserved serine (highlighted in bold on a gray background) in several CLC chan-
nels and transporters. (b) S107 in ClC-ec1 forms multiple hydrogen bonds with several highly conserved
residues from the ion-binding motifs. (c) Schematic illustration showing S107 connects the four functionally
important motifs as well as the Scen bound Cl− through hydrogen bonding.
ClC-ec1 and ClC-5 mediate stoichiometrically coupled 2Cl−/1H+ exchange, but the NO−3 trans-
port is largely uncoupled from H+ [55,57,59]. By contrast, the plant AtClC-a has been shown to be
able to mediate tightly coupled 2NO−3 /1H
+ exchange more efficiently than Cl−/H+ exchange [222].
Comparison of the transporter sequences identified a proline in AtClC-a that is replaced by serine
in the bacterial and mammalian CLC isoforms (Fig. 4.1(a)). This residue is located in the highly
conserved motif GSGIP (106-110) known to form the Scen, and is responsible for the coordination
of the bound Cl− according to the ClC-ec1 crystal structures. In addition, the NO−3 binding mode
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described in Chapter 3 also suggests that the Scen-coordinating residue S107 may determine the
Cl−/NO−3 selectivity. Notably, when the proline was mutated to serine in AtClC-a, its Cl
−/H+
exchange proceeded as efficiently as NO−3 /H
+ exchange [231]. When the corresponding serine of
ClC-5 was replaced by proline, this Cl−/H+ exchanger gained efficient NO−3 /H
+ coupling [223]. To
be specific, the mutated ClC-5 partially reproduces the plant phenotype, reducing the NO−3 /H
+
stoichiometry from ∼ 10-25 to ∼2-8 (over the +60-120 mV voltage range examined) [223, 224]. In
ClC-ec1, the serine-to-proline substitution at this site confers NO−3 selectivity upon the Cl
−-specific
ClC-ec1 transporter by enhancing NO−3 binding affinity by ∼4-fold and weakening Cl− binding,
as well as slowing the Cl−-H+ exchange to ∼15% that of the WT protein [208]. Thus, S107 has
an important function in determining anionic specificity of the exchange mechanism in CLC trans-
porters. In order to investigate the role of S107 in determining anion selectivity, and to characterize
the structural changes upon the introduction of the single point mutation S107P, MD simulations
were performed on S107P mutant with Cl− or NO−3 bound at Scen, respectively.
4.2 Materials and Methods
4.2.1 Construction of the ClC-ec1 Mutant Model
The crystal structure of ClC-ec1 (PDB ID:1OTS solved at 2.51 A˚) [62] was used to construct the
mutant ClC-ec1 simulation systems. The wild-type residue Serine 107 was mutated into Proline
using the Psfgen plugin of VMD [161], employing the CHARMM27 topology file for proteins [177,
180, 232]. Two S107P mutant systems were constructed in the presense of bound anions (Cl− or
NO−3 ) to examine the anion binding behavior in ClC-ec1. In every system, all the crystal water
molecules in the crystal structure were included, in addition to the internal water molecules placed
by DOWSER [210]. To rule out the possibility that the formation of water wires between Gluex and
Gluin is artificially biased by the initial setup, all the water molecules in the central hydrophobic
region were removed, except for a water molecule placed between Gluex and the anion bound at
Scen, to stabilize the two negative charges in close proximity as suggested in previous simulation
studies [87,211,212]. Gluex and Gluin were both deprotonated while E113 was protonated according
to previous Poison-Boltzmann electrostatic calculations [213]. The protein was embedded into a
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POPE lipid bilayer, fully equilibrated TIP3P waters [214] and buffered in 0.15 M NaCl solution. The
resulting system, contained in 105 A˚× 105 A˚× 110 A˚ simulation box, comprises ∼ 110,000 atoms.
4.2.2 Simulation Protocols
For each of the two mutant systems, a 5000-step energy minimization was performed, followed
by an equilibration for 1 ns, during which the protein atoms and oxygen atoms of the crystallo-
graphic water molecules were positionally constrained (k = 2 kcal/mol/A˚2). Harmonic potentials
(k = 0.1 kcal/mol/A˚2) were also applied on water molecules to keep them out of the membrane.
Then 350-400 ns of unrestrained simulations were performed for each system.
4.3 Results and Discussion
4.3.1 S107 Acts as the Central Node of the Selectivity Filter
The key to unveiling the mechanistic detail of the serine-specific Cl−/H+ coupling is to characterize
the structural elements involved with this residue. Inspection on our prior 400 ns equilibrium
simulation of WT ClC-ec1 in the presence of Cl− revealed that S107 forms multiple hydrogen
bonds with several highly conserved residues in close proximity, thus acts as the central node that
connects all of the four motifs involved with ion-binding (Fig. 4.1(b) and (c)). To be specific, the
amide oxygen atom from S107 is involved in the hydrogen bonding with the amide nitrogen atom
from P150 (motif GREGP); the amide nitrogen atom from S107 is involved in the hydrogen bonding
with the amide oxygen atom from G354 (motif GIFAP). Moreover, by forming a hydrogen bond
with the amide nitrogen atom of G108 (motif GSGIP), the serine hydroxyl group is maintained at
a suitable conformation for Cl− binding and is polarized to interact more strongly with the bound
Cl−. In addition, S107 interacts with Y445 (motif Y) via coordinating the Cl− ion from opposite
sides. Thus, S107 communicates with all of the four functionally important motifs as well as the
Cl− bound at Scen, resulting in a fully compact ion-binding region that is especially fit for Cl−.
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4.3.2 Single Mutation Induced Structural Change
From a physiochemical point of view, serine has a polar lateral chain, while proline is a non-
polar amino acid presenting fix φ and ψ torsion angles in a protein structure. The S107P mutant
simulation in the presence of Cl− revealed that, due to the peculiar chemical properties of proline,
its introduction leads to a backbone rearrangement that could be responsible for the decrease of Cl−
binding affinity as well as the decoupling of H+ to Cl−. The serine-proline substitution breaks the
hydrogen bonds between residue 107 and P150/G354; and the removal of the hydroxyl side chain
eliminates the hydrogen bond with G108 and the coordination with Cl− and Y445. Such structural
changes result in a incompact selectivity filter which underlies the specific features of the single
mutation. In order to compensate the lost coordination from S107, the Cl− ion moves downward
to gain the coordinations with the amide nitrogen atoms from G108 and I109 (Fig. 4.2). Such
a slight movement increases the distance between the bound Cl− and the putative H+ pathway,
which could be the reason that no water wire arises during the S107P simulation in the presence
of Cl−.
Figure 4.2: The conformational change of the Cl− binding region induced by S107P mutant. (a) Structural
comparison between the WT (orange) and S107P mutant indicates the backbone rearrangement of the ion
binding region and the displacement of the Scen bound Cl− upon the single point mutation. (b) Hydrogen
bonds formed between S107 and the surrounding residues in the WT simulation. (c) The serine-proline
substitution breaks the hydrogen bonds between residue 107 and P150/G354; and the removal of the hydroxyl
side chain eliminates the hydrogen bond with G108 and the coordination with Cl− and Y445.
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4.3.3 NO−3 is Better Accommodated in S107P Mutant
Our WT simulation revealed that due to the large size, NO−3 cannot bind as stable as the phys-
iologically transported Cl−, and exhibits two interchangeable binding configurations during the
simulation. Based on structural analysis on the S107P mutant, the absence of hydrogen bonds
among the ion-binding motifs moderately looses the selectivity filter, thus creates more space for
larger anion to bind at Scen. The simulation indicated that upon the introduction of this single
mutation, the comparatively larger polyatomic anion NO3− can comfortably fit into Scen and is
stabilized by the amide nitrogen atoms from G108 and I109, and hydroxyl group of Y445 (Fig. 4.3).
NO−3 binding configuration in the S107P mutant is very similar to that of the Cl
− binding in the
WT structure, which is compatible with the fact that S107P greatly favors NO−3 binding. Moreover,
comparison of NO−3 binding in S107P mutant with WT simulation indicated that the bound NO
−
3
steps away from the putative H+ pathway, which could result in the formation of continuous water
wires that are not intervened by NO−3 .
Figure 4.3: Comparison of NO−3 binding in WT and S107P mutant. (a) and (b) NO
−
3 comfortably fits into
Scen due to the comparatively larger space created by S107P. (c) and (d) Coordination of NO−3 in WT
(black) and S107P mutant (red) are different.
46
4.4 Summary and Perspective
The mechanism of coupling between stoichiometric transport of H+ and Cl− (1:2) in opposite
directions across the membrane is the most important mechanistic aspect of CLC function [64,65].
Both crystal structures and physiological measurements have pinpointed the importance of the
intracellular gating residues S107 and Y445 for Cl−, as well as the H+ transfer residues E148
(Gluex) and E203 (Gluin) [70, 233, 234]. However, how the transportation of Cl− and H+ ions is
coupled remains unclear. Our previous MD simulations have shown that the presence of Cl− at
the Scen site can stabilize the water wires formed between the two H+ transfer sites Gluex and
Gluin [60], revealing a novel mechanism that accounts for the Cl−/H+ coupling. Analysis of water
dynamics of short simulations have shown that the occupancy of the Scen site by the other anions
(NO−3 /SCN
−/F−) could significantly perturb formation of water wires. However, the ability of
exchange two NO−3 for one H
+ in plant CLCs [222] and the conversion of the Cl−/H+ exchanger
ClC-5 into a efficient NO−3 /H
+ exchanger by a single mutant draw our attention to a specific residue
in the Scen site that has the potential to functionally affect the anion selectivity in CLC proteins.
The MD simulation performed in this chapter concludes that S107 plays a key role in determining
the structure conformation of the loop containing the motif GSGIP (106-110), which forms part of
the Scen site. The conformational change of the loop results in a loose binding site such that the
Cl− ion is free to move around in order to gain coordination from the residues in close proximity.
However, without a firmly bound Cl− at the Scen site, the probability for water wires to arise
between Gluex and Gluin is rare. One possible reason is that the Cl− ion at the Scen site could
play an important electrostatic role in promoting the water wires, as suggested in our earlier study
on ClC-ec1 [60]. Another reason could be the arrangement of the dipole orientations of the water
molecules occupying the middle part of the water wire, which may also be affected by the negative
electrostatic potential created by a stably bound anion at the Scen site [60]. The poor binding of
Cl− at the Scen site and the lower chance of forming water wires between the Gluex and Gluin in
our simulation provides a likely explanation for the experimental data that the S107P mutation
in ClC-ec1 greatly weakens the Cl− binding and slows the H+ coupling to ∼15% that of the WT
protein [208].
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NO−3 , as discussed in chapter 3, induces the formation of pseudo water wires that are intervened
by NO−3 itself in ClC-ec1 [3]. This observation provides atomistic details for the experimental
data that shows significant reduction of H+ transport for NO−3 in ClC-ec1 [55]. However, for
plant CLCs which function as NO−3 :H
+ exchanger, intact water wires (as those seen in the Cl−
bound systems) are expected to allow efficient transport of H+. Because of the large volume of the
polyatomic anion, NO−3 cannot fit into the Scen site of ClC-ec1 as perfectly as the physiologcially
transported anion Cl−, and thus takes up part of the space in the central hydrophobic region that
is occupied by water molecules in the Cl− bound systems. Upon the loop conformational change,
the comparatively larger polyatomic anion NO−3 can comfortably fit into the Scen site and is well
coordinated by surrounding residues. This result is paralleled with the experimental observation
that the S107P mutation in ClC-ec1 greatly increased the binding affinity of NO−3 [208]. Since
the loop conformational change took place 10s to 100s of ns after the simulation initiated and the
relaxation of the surround environment is also needed, the simulation time is too limited to observe
any water wires formed after the loop is reoriented and the NO−3 finds its binding position and
conformation. Even though water wires have not been captured in the 400 ns mutant simulation
with NO−3 , this simulation provides invaluable information on structural details that could potential
explain the anionic specificity among CLC proteins, especially before a crystal structure of the ClC-
ec1 mutant or the plant CLC homologs is available. Long MD simulation and experimental work
will further illuminate the selective coupling between H+ and anions, and provide more insight on
the mechanism of NO−3 /Cl
− selectivity in CLC proteins.
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5 Determine Structural Changes
Associated with Steps in the CLC
Transport Cycle1
5.1 Introduction
From bacteria to humans, Cl−/H+ exchange by CLC transporters occurs with a strict stoichiometry
of 2 Cl− for every H+ [57, 198, 199, 230, 235]. To achieve this stoichiometric exchange, CLCs must
follow an alternating access mechanism, in which bound substrate ions access either side of the
membrane alternately, i.e., they cannot access both sides simultaneously [6]. The alternating access
mechanism can only be realized by coupling of ion binding, translocation, and unbinding events to
conformational changes in the transporter protein. Specifically, movement of ions between solution
and the ion-binding sites of the transporter, as well as ion movement between binding sites, needs
to be coupled to conformational changes between “outward-facing” (in which the external, but not
internal, solution is accessible to ions), “occluded” (in which neither solution is accessible), and
“inward-facing” (in which the internal, but not external, solution is accessible) states [10].
In all other active transporters that have been structurally (or biophysically) characterized,
the conformational changes governing the interconversion between these major functional states
involve significant protein motions, including reorientation of helices or even entire domains [236].
For the CLC transporters, in contrast, it has been proposed that the transport mechanism may
be fundamentally different and involve only localized side chain motions [96, 237]. However, this
proposed mechanism is based largely upon the observation that no large-scale CLC conformational
change could be detected crystallographically. The crystal structure of a mutant in which the highly
conserved glutamate residue Gluex is replaced by Gln, has been thought to represent an outward-
1The materials presented in this chapter were published in:
Chandra M. Khantwal, Sherwin J. Abraham, Wei Han, Tao Jiang, Tanmay S. Chavan, Ricky C. Cheng, Shelley M.
Elvington, Corey W. Liu, Irimpan I. Mathews, Richard A. Stein, Hassane S. Mchaourab, Emad Tajkhorshid, Merritt
Maduke, “Revealing an outward-facing open conformational state in a CLC Cl−/H+ exchange transporter”. eLife,
5:e11189, 2016 [4].
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facing (OF) CLC conformational state (Fig. 5.1). However, in this structure the pathway to the
extracellular solution is still too narrow to accommodate Cl− or other permeant ions [238, 239] -
suggesting that additional conformational changes are required for the formation of the OF state
in order for external anions to access the Sext site. Therefore, the state identified in the E148Q
crystal structure was hypothesized as an “outward-facing occluded” state, and that a distinct
“outward-facing open” state may exist to permit access of external Cl− to the Gluex-vacated Sext
site (Fig. 5.1). Addressing this hypothesis is crucial to understanding the CLC transport mechanism
and how it relates to those of canonical transporters.
Various experimental approaches have been used to evaluate whether CLC conformational
changes beyond Gluex are involved in the transition to an OF open state. Since the pKa of
Gluex is ∼6 [209], a change in pH from 7.5 to 5.0 will cause Gluex to transition from mostly de-
protonated to mostly protonated, and therefore from its position occupying Sext outward towards
the extracellular solution. Such pH manipulations can therefore be used to enrich the OF state
and probe for changes in protein conformation. Although crystallization at pH 4.6 failed to reveal
any conformational change [61], spectroscopic approaches have shown that H+-dependent changes
do occur outside the restraints of crystallization. Using 19F NMR, our collaborator Maduke’s lab
showed that the 19F-labeled Y419, a residue located near the dimer interface (Fig. 5.2), reported
[H+]-dependent changes in chemical environment. Y419, which is largely buried in the crystallo-
graphically captured state of ClC-ec1, became exposed to the bulk solution when pH is changed
from 7.5 to 4.5. This H+-dependent change in accessibility is reversible, when pH is returned to 7.5
from 4.5. They then investigated the functional relevance of the conformational change detected
at Y419 by introducing cysteines into this region at residue D417 (Fig. 5.2) and examining the
effects of inter-subunit cross-linking. Cross-linking at subunit interface would restrict the con-
formational changes responsible for the increased solvent accessibility of Y419 at low pH. If these
conformational changes are functionally important, cross-linking should also reduce the efficiency of
Cl−/H+ transport. Consistent with this picture, the Cl− eﬄux assay showed that cross-linking at
417C correlates directly with a decrease in transport activity, with Cl− and H+ transport inhibited
in parallel. Thus, CLCs undergo H+-dependent conformational changes beyond those revealed by
crystallography, and these conformational changes are involved in the transport cycle. The question
remains how are these long distance conformational changes regulate ion binding and translocation
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Figure 5.1: Structure of CLC transporters. (A) Structure of ClC-ec1 (pdb: 1OTS). The bound Cl− (one in
each identical subunit at site Scen) is coordinated by conserved Ser and Tyr residues (shown as spacefilled).
The N-termini of helices F and N (shown in purple and yellow respectively) point towards this site and
provide a positive electrostatic environment for the anion. The H+ permeation pathways are delineated by
two key residues, Gluex and Gluin. Gluex also acts as a “gate” that blocks the Cl− permeation pathway
(green arrows) from the extracellular solution. (B) CLC structure highlighting helices discussed: F (purple),
N (yellow), O (pink), P (blue), Q (brown), and R (aquamarine). (C) Close up of the Cl− binding region in
WT (left) and E148Q (right) ClC ec1, highlighting intracellular and extracellular gate residues S107, Y445,
and E148 (Gluex). In the E148Q mutant (pdb: 1OTU), the Gln side chain, mimicking the protonated Gluex,
swings away from the Cl− permeation pathway and is replaced at Sext with a Cl− ion. The structure of
this mutant is otherwise indistinguishable from the WT structure. (D) Cartoon of the Cl− binding region,
illustrating the hypothesis that the E148Q structure represents an “outward-facing occluded” rather than
an “outward-facing open” conformation.
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during Cl−/H+ transport.
In addition to the OF states, “channel-like” ClC-ec1 variants can be generated when the outer-
and inner-gate residues of ClC-ec1 (Gluex and Y445 respectively) (Fig. 5.1) are replaced by smaller
residues Ala, Ser, or Gly [240]. This excavation of the gates yields a narrow water-filled conduit
through the transmembrane domain, which allows rapid Cl− throughput and abolishes H+ cou-
pling. Thus, it appears that the mechanism of Cl− flux through these variants involves channel-like
diffusion that is independent of substrate-dependent conformational change. Consistent with this
picture, the 19F NMR data showed that E148A/Y445S ClC-ec1 (exhibiting the highest Cl− perme-
ability among the channel-like variants) does not undergo the substrate-dependent spectral changes
observed in the coupled ClC-ec1 transporters [241]. In channel-like E148A/Y445S, the accessibility
of Y419 indicates that the channel-like ClC-ec1 variant adopts a conformation in solution different
from that observed in the crystal structure and similar to the conformation adopted by WT at low
pH. Importantly, to the degree it can be cross-linked, D417C in channel-like ClC-ec1 is inhibited
similarly to D417C in WT. Thus, structural changes beyond the rotation of Gluex is necessary for
maximal activity in both transporter and channel-like ClC-ec1.
Figure 5.2: Location of Y419 and D417 in ClC-ec1. (A) ClC-ec1 with D417 side chain shown spacefilled,
viewed from the membrane (left) and from the extracellular side (right). (B) Close-up view showing D417
and Y419 side chains.
In this chapter, MD simulations were used to to model how ClC-ec1 changes shape in details. The
simulations predict that the extracellular gate region of the transporter undergo major rearrange-
ments, which is correlated to the long distance conformational change near the dimer interface,
resulting in a gate-opening motion that widens a passage to allow the Cl− ions to bind to the pro-
tein. These findings will prompt future studies to reveal the other shapes and how CLCs transition
between them.
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5.2 Materials and Methods
5.2.1 Construction of the Membrane-embedded ClC-ec1 Models
The ClC-ec1 crystal structure at 2.51 A˚ (PDB ID: 1OTS) [62] was used to prepare for the MD sim-
ulations of all the systems studied in the present work - WT, D417C, channel-like (E148A/Y445S),
and D417C/channel-like. The system setup for the WT ClC-ec1 is detailed in our previous work [60].
In short, to have the protein hydrated properly, all the crystallographic water molecules were main-
tained and 49 additional water molecules were added using DOWSER [210]. One additional water
molecule was placed between Gluex (E148) and the Cl− ion bound at the Scen site of ClC-ec1 in
order to stabilize the two closely (within ∼4 A˚) positioned negative charges, as suggested in previ-
ous simulation studies [87,211,212]. Gluex (E148) and Gluin (E203) were both deprotonated, while
E113 was modeled in its protonated form according to previous Poison-Boltzmann electrostatic
calculations [213]. The protein was embedded into a POPE lipid bilayer, fully equilibrated TIP3P
water [214] and buffered in 150 mM NaCl, resulting in a 105 × 105 × 110 A˚3 box with ∼110,000
atoms.
The mutant systems were constructed on the basis of that of the WT. For each mutant, residue
substitutions were done using the Mutator plugin of VMD [161]. Disulfide bonds were constructed
by introducing geometric restraints on two cysteine residues, including a distance restraint between
the sulfur atoms and angular restraints involving Cβ atom of either cysteine and the two sulfur
atoms. To avoid structural disruption of the protein due to sudden introduction of restraints,
the disulfide restraints were turned on gradually over 20-ns simulations. Note that the systems
prepared as such are not significantly different from the cross-linked D417C crystal structure. In
fact, during the equilibrium simulation of the mutant containing the disulfide bond (see below),
the RMSD of the protein to the D417C crystal structure is on average ∼1.6 A˚, even smaller than
its RMSD (∼1.9 A˚) to the WT crystal structure that the simulation started from.
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5.2.2 Simulation Protocols
Each system was energy-minimized for 5,000 steps, followed by a 1-ns MD run with positions of all
protein atoms and oxygen atoms of the crystallographic water molecules restrained. Each system
was simulated without any restraints for ∼300 ns.
5.2.3 Analysis of Collective Motions of Protein
The collective motions of the protein were analyzed through principal component analysis (PCA)
of the equilibrium MD trajectories. Specifically, we first constructed the covariance matrix C of
Cα atoms of select parts of the proteins for each subunit based on equilibrium MD trajectories.
The covariance matrix C was calculated as cij = <(x in - <x in >)(x jn - <x jn >)>, where Xn=x in
are the coordinates of Cα atoms of select parts of protein in the nth sampled structure and the
brackets <> denote the averages over all the sampled structures. The first 50 ns of each MD
trajectory were discarded to remove any initial bias. Only the transmembrane helical regions were
selected for this analysis as they define the overall architecture of the protein and most relevant to
the functionally relevant global motions. We then derived orthonormal eigenvectors R=Rk of the
covariance matrix C. Each eigenvector Rk=rik defines relative movement (rik) of each select atom
in a collective motion of the protein represented by the eigenvector. The 20 eigenvectors with the
largest eigenvalues were chosen for further analysis. These eigenvectors correspond to the collective
motions that account for >75% of protein motion observed in the simulations.
Following the approach by Bahar and co-workers [242], conformational deformation driven by a
given collective motion can be calculated according to the associated eigenvector Rk as follows:
X‘ = X0 ± ARk
whereX0 and X’ denote the coordinates of the reference structure and the structure of the protein
deformed by the collective motion, and A is an arbitrary scaling factor determining the extent
of structural deformation to be examined. The value of A is related to the RMSD between the
reference and the deformed structures through the relationship RMSD = A/M1/2, where M is the
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number of atoms selected to calculate RMSD (here M=538, the number of Cα atoms located in the
transmembrane helical region of the protein). To make a meaningful comparison of all collective
motions investigated, the value of A was chosen such that the structure of the protein is altered by
each motion to the same extent, targeting always a total RMSD of 3.5 A˚ with respect to the original
structure. Thus, the distance change (∆r) between two sites (xi and xj) of interest (Fig. 5.4B) can
be calculated according to
∆r =
∣∣∣x′i − x′j∣∣∣ − |xi − xj |
Finally, we quantified the protein’s ability of opening its gates via collective motions by counting
the dominant collective motions that involved an increase in the distance between residues lining
the gates by ∆r > 1.5 A˚. To achieve a statistical estimate of such counts, each 300-ns simulation
trajectory of the homodimer was divided evenly into three time blocks [243], each being analyzed
through the procedure described above, providing a dataset of six segments (three time blocks
for each subunit x 2 subunits). Statistical comparisons between datasets were made using the
Wilcoxon-Mann-Whitney test [244].
5.3 Results and Discussion
5.3.1 Helix P Cross-link Specifically Affects the Cl− Permeation Pathway
The results with channel-like and uncoupled transporters support the conclusion that the D417C
cross-link inhibits the Cl− branch of the Cl−/H+ transport mechanism but do not rule out an
effect on H+ transport. As an approach to examine the effect of the cross-link on H+ transport,
MD simulations were used to examine water entry into the hydrophobic region between Gluin
and Gluex, which is essential to connect these two major H+-binding sites and thus support H+
transport [60, 86, 245–247]. Water entry occurs via a narrow portal on the cytoplasmic side of
the protein, lined by Gluin together with E202 and A404 [60, 247]. Constricting this portal by
introducing large side chains at position 404 inhibits water entry detected computationally and
H+ transport detected experimentally [60]. Since A404 is on the intracellular end of Helix P
(Fig. 5.3A), restricting movement of this helix via the D417C cross-link might restrict water entry.
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To determine whether the D417C cross-link affects water entry, the number of water molecules
entering the central hydrophobic region during the simulation of cross-linked D417C was compared
to the WT simulation. In contrast to the A404L mutation, which greatly reduces water permeation
through the portal [60], the D417C cross-link has no effect on water entry (Fig. 5.3B). This result
suggests that the cross-link reduces ClC-ec1 transport predominantly via an effect on the Cl−
permeation pathway rather than on the H+ permeation pathway.
Figure 5.3: Computational analysis of water entry through the portal lined by A404 (Helix P). (A) ClC-
ec1 structure highlighting the location of the A404 “portal” residue at Helix P. (B) The D417C cross-link
does not affect water entry into the pathway connecting Gluin and Gluex. The aggregate number of water
molecules entering the region between the two residues was determined as described previously [60] and
compared for wild-type (WT) and cross-linked mutant (D417C) over the same timescales.
5.3.2 Potential Gate-opening Motions in WT and Cross-linked ClC-ec1
Experimental results suggested that there could be functionally important motions of ClC-ec1 that
open the Cl− transport pathway and are impeded by the D417C cross-link. To investigate the
molecular basis of such motions, extensive MD simulations were conducted either in the absence
or in the presence of the D417C cross-link. Note that even the hundreds of nanoseconds of simu-
lations performed here can probe mainly conformational fluctuations of ClC-ec1 near its reference
conformation (in this case, the crystal structure), which did not permit direct observation of the
opening of the gates. Nevertheless, the sampled dynamics and fluctuations can provide information
that can be used to derive collective motions, which are often functionally relevant [248]. Collective
motions are defined as those involving concerted movements of a large number of atoms distributed
throughout the protein, and are therefore distinguished from localized conformational changes. A
series of collective motions of a protein can be obtained in general by decomposing the fluctua-
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tions of a protein sampled through MD simulations, e.g., through principal component analysis,
or by analyzing normal modes of the protein that underlie protein motions [248, 249]. Collective
motions can further be used to probe how larger-magnitude conformational change along the iden-
tified displacement vectors (modes) might involve crucial, functionally-relevant protein motions,
such as opening-closing movements of enzymatic active sites, ligand-binding sites on receptors and
channel pores. For example, collective motions obtained from normal mode analysis (NMA) were
used to project opening movements of potassium-channel pores, and these predicted movements
are consistent with those seen in single-molecule and X-ray crystallographic experiments.
In this study, collective motions in ClC-ec1 were identified using principal component analysis
(PCA) of the equilibrium MD simulations (see Methods), which in general identifies similar col-
lective motions to those derived from NMA. Deformations in the reference protein structure were
the introduced along each of the top 20 collective motions identified in PCA analysis ( 75% of the
motions observed in the equilibrium MD simulation). Amplitude of these collective motions (which
overcomes timescale limitations of the simulation) was then increased to see whehter they confer
conformational change to the Cl− transport pathway. Regions around the extracellular and intra-
cellular gates to the Cl− transport pathway was then examined, since motions near these region
may lead to opening of either gate (which are both closed in the reference protein structure).
The extracellular gate is formed by the juxtaposition of Helix F (which contains Gluex) and
Helix N (Fig. 5.1B). To scrutinize opening of this gate, Cα distance changes (∆r) between several
residue pairs on these helices were examined: I356-G149, F357-E148, and A358-R147 (Fig. 5.4A
and B). A search over the 20 dominant collective motions obtained through the PCA of the entire
WT MD simulation revealed that deformations along some of the collective motions increase the
distances between these pairs by >1.5 A˚ and thus are coupled to gate opening. To conduct a
statistical analysis of these motions, the entire simulation trajectory was devided into six blocks
and the number of times such collective motions occur in each block was determined (Fig. 5.3C,
blue bars). An identical analysis performed on the MD simulation trajectory obtained from the
cross-linked D417C mutant revealed that the motions that open the extracellular gate are dampened
due to the cross-linking (P = 0.002 − 0.008) (Fig. 5.3C, orange bars). The intracellular gate is
formed by two key residues S107 and Y445 [207, 250, 251] (Fig. 5.1). To scrutinize opening of this
57
Figure 5.4: Coupling of extracellular and intracellular gating motions to collective motions in ClC-ec1
detected computationally. (A) Key inter-Cα distances were employed to detect functional motions. The left
panel shows the location of the Cl− gates (dashed box) and transport pathways (dashed green line) in ClC-
ec1. Right panel shows a close-up of the Cl− gates where key inter-Cα distances for both the extracellular
and intracellular gates are denoted by dashed double arrows. (B) Scheme for determining distance change
(∆r) caused by a collective motion. Following a collective motion, a native structure (red helices) undergoes
structural transition (peach helices). As a result, the distance between the helices increases by ∆r = r’
- r. (C) Opening motions of the extracellular gate. The number (N) of collective motions that lead to
distance changes (∆r > 1.5 A˚) at each of the extracellular-gate residue pairs was determined from analysis
of MD simulations for WT and cross-linked (“D417C x-link”) ClC-ec1, as described in the text. The data
are shown in a box-and-whisker plot where the whiskers denote minimum and maximum of the data and
the box denotes the range of 25th percentile to 75th percentile of the data when sorted. The horizontal line
in the box denotes the median of the data. (D) The number (N) of collective motions that lead to distance
changes (∆r > 1.5 A˚) at the intracellular gate pair 107-445 is not significantly different between WT and
cross-linked ClC-ec1.
intracellular gate, distance changes between these two residues as a result of collective motions were
examined. As with the extracellular gate, some collective motions that lead to distance changes
(∆r) of >1.5 A˚ were observed. Unlike the extracellular gate, however, the cross-link at residue
417 does not significantly dampen the distance changes around the intracellular gate (P = 0.338)
(Fig. 5.4D).
58
5.3.3 Collective Motions in Channel-like ClC-ec1
The comparison of dominant gate-opening motions between WT and cross-linked forms described
above suggests that the cross-link at residue 417 likely cripples the opening of the extracellular
gate, thereby slowing Cl− transport. However, along this line of reasoning, one must reconcile why
the E148A mutants, in which the extracellular gate has ostensibly been removed, are inhibited
when the cross-link is introduced. To address this question, the bottleneck for Cl− transport in
ClC-ec1 was investigated based on the crystal structures. The radius profile of the ClC-ec1 Cl−
transport tunnel, calculated using the program HOLE [215], shows an extracellular bottleneck with
a minimum radius of ∼0.2 A˚ (Fig. 5.5). Interestingly, the calculated radius profile for both the
E148A mutant (lacking Gluex) and the channel-like variant E148A/Y445A also reveal extracellular
bottlenecks. (E148A/Y445A was evaluated rather than the E148A/Y445S construct used here
because this is the only channel-like variant for which there is a crystal structure.) With minimum
radii of ∼0.9 A˚ (Fig. 5.5) these bottlenecks are still too narrow to allow Cl− permeation (r(Cl−) ≈
1.81 A˚). Thus, additional opening motions in the gate region are needed for Cl− transport.
Figure 5.5: The extracellular gate remains narrow in the Gluex mutant (E148A) and in the channel-like
variant E148A/Y445A. The pore radius profiles of the ClC-ec1 Cl− transport tunnel for WT ClC-ec1 (blue),
E148A (pink) and E148A/Y445A (green) along the z-axis (membrane normal). Shown are the profiles for
subunit 1. The results for subunit 2 are very similar and thus not shown. The z-position of the central Cl−
binding site is chosen as the origin of the z-axis. The shaded region denotes the extracellular-gate region;
dashed arrows highlight the z-positions of the bottlenecks.
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To test the idea that additional gate-opening motions occur in the absence of Gluex, the compu-
tational analysis discussed above was applied to characterize and analyze the collective motions of
channel-like ClC-ec1. The analysis revealed that there are fewer collective motions that can open the
extracellular gate after the cross-link is introduced to the channel-like mutant (P = 0.001−−0.070)
(Fig. 5.6A), whereas the intracellular gate was not significantly affected (P = 0.354) (Fig. 5.6B).
This result is consistent with that obtained in the WT background. Taken together, MD results
suggest that the cross-link at residue 417 hinders the opening of the extracellular gate - beyond the
Gluex motions - in both the WT and channel-like ClC-ec1.
Figure 5.6: Cross-linking at 417 impedes opening of the extracellular but not the intracellular gate in channel-
like ClC-ec1, as detected by computational analysis. (A) Opening motions of the extracellular gate. The
number (N) of collective motions that lead to distance changes (∆r > 1.5 A˚) at each of the extracellular-gate
residue pairs was determined from analysis of MD simulations for WT and cross-linked (“x-link”) channel-like
ClC-ec1, as described in the text. The data are shown in a box-and-whisker plot where the whiskers denote
minimum and maximum of the data and the box denotes the range of 25th percentile to 75th percentile of
the data when sorted. The horizontal line in the box denotes the median of the data. (B) The number (N)
of collective motions that lead to distance changes (∆r > 1.5 A˚) at the intracellular gate pair 107-445 is not
significantly different between WT and cross-linked channel-like ClC-ec1.
5.4 Summary and Perspective
This work described a previously unidentified protein conformational state and suggest a new
framework for understanding the CLC transport mechanism, introducing two key concepts. First,
the structure of the E148Q mutant, with the side chain rotated away from Sext (Fig. 5.1C) represents
an “outward-facing occluded” (OFoccluded) state, in which bound Cl− does not have full access
to the extracellular solution. Second, H+ binding promotes an “outward-facing open” (OFopen)
state, involving conformational rearrangement of Helices N and P, that widens the extracellular ion
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permeation pathway in comparison to the known crystal structures.
Inter-subunit cross-linking of D417C restricts the conformational transition to the OFopen state
and inhibits activity. The inhibition occurs not only in the WT background but also in uncoupled
E148A, Y445S, and E148A/Y445S (channel-like) backgrounds (Fig. 5.4 and 5.6). Therefore, the
conformational change being restricted is something other than the localized movements of side-
chain gates, as these gates (E148 and Y445) are missing altogether in the uncoupled transporters.
To gain insight into how conformational change near the subunit interface affects activity, MD sim-
ulations were performed on WT and channel-like ClC-ec1, with and without the D417C crosslink.
Simulations revealed that the major motions of both WT and channel-like involve opening of the
extracellular vestibule and that these opening motions are dampened by the cross-link at D417
(Fig. 5.4 and Fig. 5.6).
The long-range conformational change described in this chapter improves our understanding of
CLC mechanisms by providing a first glimpse of an “outward-facing open” CLC conformational
state and its mechanistic implications. In future studies, it will be important to investigate the
transition between the OFopen, OFoccluded and inward-facing conformational state(s). Understand-
ing these interactions will be critical to providing a molecularly detailed view of the CLC transport
mechanism.
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6 Characterizing the Lipid
Translocation and Ion Conduction
Pathway in nhTMEM161
6.1 Introduction
Phospholipids distribute asymmetrically between the two leaflets of plasma membranes in quiescent
cells. Dissipation of lipid asymmetry in response to the elevation of cytoplasmic Ca2+ concentration
is a ubiquitous cell signaling mechanism for many critical cellular events, including cell activation,
apoptosis, and blood coagulation [117–124,252,252]. Regulated transbilayer redistribution (scram-
bling) of phospholipids requires lipid transporters, namely, phospholipid scramblases, which harvest
the energy in the phospholipid gradient to drive the nonspecific and bidirectional transport of phos-
pholipids [116,252]. The machineries that are known to be responsible for the Ca2+-activated lipid
scrambling are belong to the anoctamin/TMEM16 superfamily [117,122,124]. Among the ten mam-
malian TMEM16 homologs, TMEM16A and TMEM16B are Ca2+-activated Cl− channels (CaCC),
and TMEM16C, D, F, G, and J were identified as Ca2+-activated phospholipid scramblases, some
of them also mediate nonselective ion transport. With a commonly shared architecture and mode
of Ca2+ activation throughout the family [131–133], identification of the corresponding ion and
lipid pathways is necessitated to reveal the molecular basis for the mechanism of functions and to
understand how the functional diversity is accommmodated by these closely related proteins.
As the first and only lipid scramblase with structure determined, the fungal nhTMEM16 [134,
253] became the most important target for structural and functional investigation of TMEMs.
The Xray structure of nhTMEM16 revealed a rhombus-like structure of a homodimer, with ten
transmembrane helices resolved in each subunit. The arrangement of the membrane-spanning
helices is noval compared to known membrane protein structures; some of them are tilted with
respect to the membrane plan, exposing charged and polar residues on the surface of the protein
1The materials presented in this chapter are in the manuscript submitted by Tao Jiang, Kuai Yu, H. Criss
Hartzell, and Emad Tajkhorshid.
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within the membrane-embedded part. The most intriguing feature of the structure is a ∼10 A˚ wide
hydrophilic aqueduct located on the surface of each subunit away from the dimer interface. The
aqueduct is formed by transmembrane helices (TM) 3-7 of the same subuint, with the borders lined
by TM 4 and TM6. This aqueduct is twisted along the z-axis as it extends through the membrane,
the lining helices TM4 and TM6 are arranged in a crisscross pattern, which results in a relatively
narrow and deep bottleneck region near the center of the membrane, and two wide entrances open
to each side of the membrane. This membrane-exposed crevice also harbours a highly conserved
Ca2+-binding site for two Ca2+ ions, mutations of the equivalent coordinating residues affect both
the ion conduction and lipid scrambling activities in the family.
Although the membrane-exposed aqueduct on the static structure of nhTMEM16 provides in-
sight into the potential site of catalysis, there were no lipophilic molecules resolved in the crystal
structure. It is also puzzling how the aqueduct might provide the aqueous environment required
for ion conduction, since it is exposed to the hydrophobic core of the membrane. To elucidate
the structural and mechanistic features of the scramblase and to advance the understanding of the
molecular basis of the mechanism of regulation by Ca2+, detailed atomisitic information of the
dynamic interactions between the scramblase and its lipid environment is needed. Here, through
a combined computational and exprimental approach, we have addressed the physiologically most
important aspects of TMEMs by identifying and characterzing the transport pathways for phos-
pholipids and ions, and revealing the role of Ca2+ for active functions. Especially, the simulations
revealed that ions permeate across the membrane through the same structural path that taken
by the phospholipid, assisted by both the residues forming the aqueduct and the lipid headgroups
occupying the aqueduct. Furthermore, simulation-guided mutational analysis successfully pinpoint
the residues that are capable to switch on and off the scrambling activities of the TMEM proteins
through single mutation, thus provding fundamental insight into the evolutionary relationship of
the TMEM family members.
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6.2 Materials and Methods
6.2.1 Preparation of the Simulation Model
The X-ray crystallographic structure of fungal nhTMEM16 (4WIT) at 3.4 A˚ resolution [134] was
used as the starting structure for the simulations. The missing loop regions (residue 1-18, 130-140,
465-482, 586-593, 657-659, 685-691 and 720-735) are located in the intracelluar and extracellular
bulk, thus likely will not directly affect the catalytic center embedded in the membrane. The missing
loops were added using SuperLooper [160], which provides loop templates from known membrane
protein structures or water soluble globular protein structures to effectively fill in the gaps and
complete the protein structure with spatial conformation of the loops. The pKa of each and every
ionizable residue was estimated using PROPKA [163,254], and the default protonation states were
used based on the pKa analysis. The missing hydrogen atoms were added using PSFGEN in
VMD [161]. The program DOWSER [210] was used to locate 109 internal water molecules in
energetically favorable positions within the protein, two of them were placed in the hydrophilic
aqueduct in each subunit, coordinating the polar side chains of Gln374, Asn378 and Arg505. The
two Ca2+ ions bound to the two subunits were perserved for the simulation of the Ca2+-activated
system, and removed for the simulation of the Ca2+-free system.
The protein was embedded into an asymmetric lipid bilayer that was generated using CHARMM-
GUI membrane builder [168]. The outer leaflet is composed by pure POPC, while the inner leaflet is
a 2:1 POPC/POPS mixture, as a representation of eukaryotic membranes, where PS is preferentially
located in the inner leaflet. This mixed lipid composition was also designed to allow us to investigate
the lipid specificity of the scramblase. The membrane/protein system was then fully solvated with
TIP3P water [214] and buffered in 0.15 M NaCl to keep the system neutral. The resulting systems




The simulation systems (Ca2+-activated and Ca2+-free) were first optimized for 10000 steps, fol-
lowed by two 1 ns equilibrations, during which the heavy atoms and the backbone atoms from
the crystalized protein structure were positionally restrained (k = 2 kcal/mol/A˚2), respectively, to
allow the added loops to be fully relaxed. Then 1000 ns unrestrained equilibrium simulation was
performed for each system.
To investigate the ionic permeation in nhTMEM16, an additional set of simulations were ex-
tended from the fully equilibrated Ca2+-activated simulation with different levels of voltage across
the membrane induced by external electric fields. The electric field E was applied perpendicular
to the membrane plane in the negative z direction (from the extracellular side to the intracellular
side), and the total potential drop across the system is calculated by E*Lz, where Lz ≈ 133.33 nm
is the size of the simulation box in the direction parallel to the applied field. Four simulations
with the electric fields of intensity E = 0.011, 0.018, and 0.037 V/nm were carried out, resulting in
membrane potentials of ∼0.15, 0.25, and 0.5 V across the system, respectively. Each of the three
systems was performed for 700 ns, during which the ion conductivity across the membrane was
examined.
6.2.3 Analysis of Protein Surface Hydrophobicity
The overall structural organization of most transmembrane proteins has a very distinct hydropho-
bic belt region that is in direct contact with the membrane interior. Interestingly, in the case of
nhTMEM16 structure, charged and polar residues are observed to expose on the surface of the
protein within the membrane-embedded part. Those residues are mainly located near the extracel-
lular and intracellular mouths of the hydrophilic aqueduct, which form hydrophilic areas that are
∼25% deep into the membrane from both sides. Each and every exposed residue was assigned the
corresponding hydrophobicity value, according to the hydrophobicity scale of Kyte and Doolittle
(Cyan = hydrophilic (-4.5), Orange = hydrophobic (4.5)) (Fig. 1.5).
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6.2.4 Analysis of Membrane Structure
The midplane of the membrane is set as the xy-plane (z = 0 A˚). The phosphorus atoms from the
outer and inner leaflets of the bilayer were initially loacted at ∼18 and −18 A˚, respectively. To
characterize the protein-induced membrane deformation, the location of PO4 in proximity of the
protein was analyzed using Volmap embedded in VMD. A cutoff of 10 A˚ within the protein was used
to select the shell of lipids that are directly affected by protein-lipid interaction. The occupancy
of PO4 was averaged over the trajectory in order to get the density during the Ca2+-activated
simulation.
6.2.5 Analysis of Hydration of the Aqueduct
In order to investigate the influence of hydration on the behavior of lipids within the aqueduct, we
monitored the number of water molecules within the aqueduct, as well as the number of headgroup
heavy atoms and fatty acid tail carbon atoms during the simulations. To count water molecules in
the lipid translocation aqueduct, a cylindrical region of 13 A˚ radius was defined for each subunit
across the membrane. For each cylinder, the central axis is parallel to the membrane normal (z
axis), passing through the geometric center of the transmembrane helices that form the wall of the
aqueduct (TM4-7 and the C-terminal half of TM3). The cylinder was then divided into 2 A˚-thick
slabs. Water molecules inside the cylindrical region were binned into corresponding slabs based on
the coordinates of the oxygen atom of each water molecule.
6.2.6 Tracing Lipid Headgroups Inside the Aqueduct
To trace the movement of lipid headgroups along the lipid translocation aqueduct, the same cylin-
drical region as defined in the previous section was used to identify lipid headgroups that penetrate
into the aqueduct. The positions (z-coordinate) of the phosphorus atoms of these lipid headgroups
were traced during the simulation for both subunits. If a phosphorus atom of the lipid head-
group enters the aqueduct from one leaflet and leaves the aqueduct from the other end, the lipid is
considered as being fully scrambled by the scramblase.
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6.2.7 Analysis of Headgroups Binding
To characterize the binding of lipid headgroups along the aqueduct, the occupancy map of the
phosphate groups over the trajectories were calculated using Volmap embedded in VMD. Three
most visited sites within the aqueduct are identified by contouring the volumetric map of PO4
occupancy at isovalue 0.15, namely, “internal site (Sint)”, “central site (Scen)”, and “external site
(Sext)”, respectively. To determine the residues that contribute to the binding of the phosphate
groups at those sites, contact number between phosphate groups and protein heavy atoms was
calculated for each frame of the trajectory, using a distance cutoff of 3.0 A˚. The averaged contact
number between each residue and the phosphate groups quantitatively describe the intense and
frequency of the interaction.
6.3 Results and Discussion
6.3.1 Lipid Bilayer Deformation Induced by the Scramblase
Most transmembrane proteins have a very distinct hydrophobic belt region that is in direct con-
tact with the membrane interior. However, analysis of the surface hydrophobicity of nhTMEM16
revealed a significant dislocation of the hydrophobic belt near the aqueduct that distorts the mem-
brane and primes phospholipid scrambling mechanism. The hydrophobic belts on the left (TM4)
and right (TM6) sides of the aqueduct are shifted into the extracellular and intracellular solutions
by ∼9 A˚. This distinct structural feature causes a membrane distortion immediately after the Ca2+-
activated simulation starts, due to the tendency of the surrounding lipids to match the hydrophobic
surface of the protein. The PO4 density of the shell of lipids that are directly affected by protein-
lipid interaction indicates that the lipid bilayers on the left and right side of the aqueduct were
shifted up and down (Fig. 1(A)), respectively, resulting in a unique staggered membrane structure
that greatly reduces the membrane thickness near the aqueduct. To quantitatively describe the
deformation of the membrane structure, the number of phosphorus atoms within the 10 A˚ shell of







































Figure 6.1: Membrane deformation triggered by nhTMEM16. (A) The nhTMEM16 protein is shown as a
molecular surface (extracellular side on top) and colored by residue type (blue, basic; red, acidic; green, polar;
grey, nonpolar) embedded in a phospholipid bilayer composed of PC and PS. The initial (t = 0) distribution
of phospholipids is represented by the tan phosphorus atoms of the phospholipid phosphate groups. At the
end of a 1000 ns MD simulation, the average phospholipid PO4 density within 10 A˚ of the protein during
the Ca2+- activated simulation is shown as an orange surface outlined by black lines that is contoured at
7.5% of the bulk PO4 density. (B) Deformation of the membrane structure during the simulation, measured
as the number of phosphorus atoms within 10 A˚ of the protein that enter the 25 A˚- (blue curve) or 20 A˚-
(red curve) thick core region of the membrane, as defined by the blue and red areas in panel (C). (C)
Distribution of phosphorus atoms perpendicular to the membrane (z axis) at 0 ns (black curve), 80 ns (green
curve, corresponding to vertical green bar in B), and 480 ns (orange curve, corresponding to vertical orange
bar in B) extracted from panel (B).
was counted over the simulation trajectory (Fig. 6.1(B)). The distribution of the P-midplane dis-
tances (the distances between the phosphorus atoms and the midplane (z = 0 A˚) of the membrane
bilayer), in particular, the upper and lower bounds of the distribution curve represent the degree
of membrane deformation (Fig. 6.1(C)). At the starting point, the shape of the distribution curve
was clearly separated into two main peaks for the inner and outer leaflets, reflecting the flat mem-
brane structure. As the simulation continues, the P-midplane distances became more distributed,
resulting in a more flattened distribution curve for both leaflets. The wide-spread and flattened
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curve indicates that the membrane structure near the protein was disrupted. Since the lipids in
close proximity of the aqueduct are mobile and in continuous contact with the bulk membrane
bilayer, the local membrane curvature may serve as an important mechanism priming the lipid
translocation.
6.3.2 The Lipid Translocation Pathway
To gain a comprehensive understanding of lipid-protein interaction, we first characterized the be-
havior of lipids in the immediate proximity of the aqueduct. Intriguingly, spontaneous penetration
of lipid headgroups into the membrane interior along the hydrophilic aqueduct was observed in
both subunits of the Ca2+-activated simulation, resulting in a continuous file of lipids connecting
the outer and inner leaflets (Fig. 6.2(A) middle and right panels). The aqueduct in each subunit
can accommodate up to six phosphate groups in its 20 A˚-thick core region (Fig. 6.2(A) and (B)),
and at least four phosphate groups were present for 51.5% (subunit I) or 28.0% (subunit II) of
the simulation time during the last 500 ns (Fig. 2(C)).
Although the distances between the neighboring lipid phosphate groups fluctuate during the
simulation, three most visited sites within the aqueduct are identified by calculating the density of
the phosphate groups over the whole trajectory (Fig. 6.4(A) left panel). According to their spatial
locations along the aqueduct, the three most visited sites are named as “internal site (Sint)”, “central
site (Scen)”, and “external site (Sext)”. By observing lipid dynamics along the aqueduct during the
simulation, we obtained key insights into the mechanisms of phospholipid scrambling. As shown
in Fig. 6.3(A), lipid headgroups from the inner and outer leaflets spontaneously bound to the Sint
(∼-10 A˚) and Sext (∼10 A˚) sites located near the aqueduct entrances, before they migrated along
the aqueduct and propagated toward the center of the membrane. The headgroup at the Scen site
(∼-3 A˚) was isolated from both leaflets by Sint and Sext, and it usually dwelled there for an extended
time (Fig. 6.3(A)). Transition of a lipid headgroup from Scen to Sext was captured in subunit II,
during which the headgroup at Sext was knocked away from the binding site and quickly merged
into the outer leaflet (Fig. 6.3(A) right panel, cyan curve). Immediately after the transition to Sext
was completed, the next lipid following in the queue quickly jumped from the Sint site to occupy
the Scen site (Fig. 6.3(A) right panel, red and dark green curves). This observation indicates that
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Figure 6.2: Features of the “Lipid aqueduct” on nhTMEM16 surface. (A) Representative snapshots of the
lipid aqueduct with the aqueduct-lining helices TM4 and TM6 colored by residue type. The phospholipid
head groups are shown by the tan phosphorus atoms. The aqueduct is devoid of phospholipid head groups
at t = 0 (left panel), but aqueducts in both subunits (middle and right panels) become fully occupied by
lipid headgroups during the simulation of the Ca2+-activated system. Lipid headgroups inside the aqueduct
are shown as phosphate groups and nitrogen atoms with van der Waals radii (oxygen atoms are colored red,
phosphorus tan and nitrogen blue). Ca2+ ions are purple spheres. (B) Number of phosphate groups (orange
curve) within the 20 A˚-thick core region of the aqueduct of each subunit for the Ca A˚-activated simulation.
The green curve shows the moving average (bin = 20) overlaid. (C) Normalized probability histograms of
the phosphate count in the 20 A˚-thick core region of each aqueduct during the last 500 ns. Numbers larger
than three are highlighted in brown.
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lipids move along the aqueduct in a highly concerted fashion. Notably, the lipid translocated from
the Scen site eventually diffused away from the track and merged into the outer leaflet, after binding
at the Sext site for a few hundred nanoseconds, yielding a full permeation of a lipid from the inner
leaflet to the outer leaflet under equilibrium condition.
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Figure 6.3: Lipid permeation under equilibrium condition. (A) Translocation of lipid along the aqueduct,
measured as the positions of the phosphorus atoms in the aqueduct (along the z axis) versus time, with
every 100-ns timepoint highlighted as a dot for 6 phospholipids that entered the aqueduct for subunit I (left)
and subunit II (right). Complete flipping of a lipid from the inner leaflet to the outer leaflet is captured in
subunit II (red trace). (B) Front (left) and side (right) views of the aqueduct showing the representative
conformations of the lipids that occupy the aqueduct. Hydrocarbon chains of phospholipids inside the
aqueduct are colored individually for clarity, phosphate groups and nitrogen atom of the choline/amino
groups are shown in van der Waals (oxygen atoms are colored red, phosphorus tan and nitrogen blue). In
the right panel, phospholipids in close proximity to the aqueduct are also shown (colored in cyan). The
headgroups of these lipids are organized in a curve with the lipids closest to the aqueduct being located
closer to z-axis = 0. (C) (left) Representative orientations of lipid tails along the aqueduct, with respect to
the z axis; (right) corresponding P-N dipole orientations of the headgroups along the aqueduct.
While the phospholipid headgroup is wedged in the aqueduct, the flexible hydrocarbon tails
extended into the membrane interior and remained in the hydrophobic phase of the membrane
(Fig. 6.3(B)). Besides, hydrophobic interactions between the lipid tails and the lining helices (TM4
and TM6) are also frequently observed owing to the amphipathic nature of the two transmembrane
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helices. In particular, the hydrophilic residues of TM4/6 mainly face toward the inside of the
aqueduct, while the hydrophobic residues are exposed to the membrane interior. This structural
arrangement allows lipid tails to splay out and make contacts with the lining helices, while the
headgroup is wedged in the aqueduct (Fig. 6.3(B) left panel). Lipids that penetrate deep into the
membrane are also commonly observed to have one alkyl tail attach to the hydrophobic surface of
the lining helices, and the other tail extend into the hydrophobic core of the membrane as they
climbing up along the aqueduct (Fig. 6.3(B) left panel), depending on their position inside the
aqueduct and the surrounding environment. Notably, the lipid tails underwent roughly 360 degrees
rotation as the headgroups move from one leaflet to the other along the aqueduct (Fig. 6.3(C)).
The binding properties of lipid tails to the aqueduct emphasize the importance of hydrophobic
interactions between the lipid and the protein.
6.3.3 Pinpointing the Residues Controlling Scrambling
To determine the residues that contribute to the binding of the phosphate groups at the most visited
sites in the aqueduct, the contact number between phosphate groups and protein heavy atoms was
calculated (Fig. 6.4(A)). Sint is located horizontally with respect to the bilayer at a similar level
to the lower bound Ca2+ ion. Phosphate group at Sint is in direct contact with R505 from TM7
and Q374/N378 from TM5. Notably, R505 sits right between two negatively charge residues E506
and D503, which are highly conserved and contribute to coordinating the bound Ca2+ ions. Scen
is located about one third deep into the membrane thickness from the intracellular side, and is
coordinated mainly by N378/T381/S382 from TM5, partially by T340 from TM4 and Y513 from
TM7. Sext is located near the extracellular entrance of the track, surrounded by several hydrophilic
residues, including E313/N317 from TM3, G329/T333 from TM4, and R432/N435/Y439 from
TM6.
To test whether amino acids that interact with the lipid headgroups in the simulation are crucial
in phospholipid scrambling, mutations were introduced into the lipid-coordinating residues whose
physicochemical properties were conserved between the scramblases nhTMEM16 and TMEM16F
but were different in the Cl− channel TMEM16A. We focused on TM4 and TM5 because we
have previously shown that amino acids in this region in TMEM16F are essential for phospholipid
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Figure 6.4: Lipid binding sites and effects of mutations in nhTMEM16. (A) Volumetric map of PO4 oc-
cupancy extracted from the Ca2+-activated simulation is shown as orange wireframe contoured at isovalue
0.15, overlaid on the protein structure. Three major binding sites of PO4 within the aqueduct are circled
and labeled, and individually illustrated in the panels to the right. Coordinating residues in each bind-
ing site are labeled. The protein is colored based on the frequency of each residue forming close contact
(< 3 A˚) with phosphate groups during the simulation. The darkest blue color represents the residues with
at least 50% contact percentage over time. (B) Alignments of TM4 and TM5 of nhTMEM16 (nh), mouse
TMEM16F (16F), and mouse TMEM16A (16A). Structure-based alignments were performed using PRO-
MALS3D. Amino acid backgrounds are colored to indicate identity (black) or similarity (grey). nhTMEM16
amino acids that interact intensively (cutoff 25%) with lipid headgroups during the simulation are indicated
with a filled circle. Amino acids that interact intensively with lipid headgroups and are conserved between
nhTMEM16 and TMEM16F but different in TMEM16A are highlighted in red. Consensus amino acid num-
bering in the top line refers to nhTMEM16. The number of the first residue shown for TMEM16F and
TMEM16A precedes the sequence. At the bottom, the four lines indicate TMEM16A sequences that were
replaced with TMEM16F sequences to convert TMEM16A into a phospholipid scramblase [255]. (C) (left)
Effects of mutations in nhTMEM16 on phospholipid scrambling. Cells were co-transfected with plasmids
encoding nhTMEM16 (WT or mutant) and EGFP. Transfected cells were identified by green fluorescence
(left panel). Phospholipid scrambling was measured by binding of Annexin-V-AlexaFluor-568 at 0, 5, 10,
and 15 min after establishing whole-cell recording with an internal solution containing 200µM free Ca2+
(right panels). (right) Top: percentage of cells binding Annexin-V above background within 15 min after es-
tablishing whole cell recording with a high Ca2+ internal solution. Each bar represents 4 to 5 cells. Bottom:
time course of phospholipid scrambling by WT and mutant nhTMEM16.
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scrambling [255]. From the eight amino acids (filled circles under the alignment in Fig. 4(B)) in
TM4-TM5 that are involved in lipid headgroup coordination, two amino acids (consensus positions
333 and 378, highlighted in red) were targeted for mutagenesis, since they are similar in nhTMEM16
and TMEM16F but distinctly different in TMEM16A. Two mutants were generated by mutating
the two residues T333 and N378 to the amino acids corresponding to mouse TMEM16A (T333V
and N378K). Intracellular Ca2+ was elevated by whole-cell patch clamping with an intracellular
solution containing 200 M free [Ca2+]. Phospholipid scrambling was assessed by imaging the
accumulation of the PtdSer probe Annexin-V-AlexaFluor-568 on the cell surface. While most cells
expressing WT nhTMEM16 had scrambled by 14 min after establishing whole cell recording, in
the same time period little scrambling was observed in the cells expressing mutant nhTMEM16s
(Fig. 6.4(C)). Since TMEM16A does not support phospholipid scrambling, the significant reduction
of lipid scrambling in the nhTMEM16 T333V and N378K mutants indicated that residues T333
and N378 are important in the scrambling mechanism.
6.3.4 Ionic Currents Associated With Lipid Scrambling
To investigate the relationship between ion conduction and lipid scrambling by nhTMEM16, ionic
currents were also measured simultaneously in HEK cells transiently transfected with WT or mutant
nhTMEM16 in response to voltage steps from -100 mV to +100 mV in 20 mV increments. In an
attempt to improve nhTMEM16 expression, a codon-optimized nhTMEM16 cDNA was synthesized.
Although nhTMEM16 tagged on the C-terminus with EGFP did not traffic to the plasma membrane
(as previously reported30), nhTMEM16 tagged on the N-terminus with 3X-FLAG or untagged
nhTMEM16 did traffic to the plasma membrane (Fig. 6.5(A)) and elicited phospholipid scrambling
and ionic currents when intracellular Ca2+ was elevated (Fig. 6.5(B)). Elevation of cytosolic Ca2+
by establishing whole-cell recording with high Ca2+ in the patch pipet resulted in exposure of
PtdSer over 5-10 min that was accompanied by a large ionic current. The development of the ionic
current slightly preceded Annexin-V binding, but as we have discussed previously [255], we believe
that this lag is explained by limitations in detecting Annexin-V accumulation on the membrane
and that the current and phospholipid scrambling occur simultaneously.




Figure 6.5: Phospholipid scrambling and ionic currents in nhTMEM16. (A) 3X-FLAG-nhTMEM16 is
trafficked to the plasma membrane of HEK-293 cells. Cells were transiently transfected with a synthetic
codon-optimized nhTMEM16 tagged on the N-terminus with 3X-FLAG. Cells were fixed and stained with
anti-FLAG antibody followed by a fluorescent secondary antibody and imaged with a wide-field microscope.
Left: differential interference contrast image. Middle: immunofluorescence. Right: merged image. Two
attached cells are shown. One cell was transfected with nhTMEM16 and one was not transfected. (B)
Phospholipid scrambling and ionic currents are stimulated in HEK cells transfected with nhTMEM16 and
co-transfected with a plasmid encoding EGFP. Transfected cells were identified by green fluorescence (left
panel). Phospholipid scrambling was measured by binding of Annexin-V-AlexaFluor-568 at 0, 5, 10, and
15 min after establishing whole-cell recording with an internal solution containing 200µM free Ca2+. Ionic
currents recorded by a voltage protocol from a holding potential of 0 mV to +100 mV followed by a step to
-100 mV are shown below each Annexin-V fluorescent image. Untransfected HEK cells do not scramble in the
15 min time frame as previously shown [255]. (C) Ionic selectivity of WT nhTMEM16 currents. Current-
voltage relationships were measured using voltage ramps 1-sec duration from -100 mV to +100 mV. Ionic
selectivity was determined by the change in reversal potential measured in response to switching between
extracellular solutions containing 150 mM NaCl (black curves) and 30 mM NaCl (red curves). (D) Relative
permeability of Na+ and Cs+ to Cl− (PNa:PCl and PCs:PCl) calculated from the Goldman-Hodgkin-Katz
equation. (E) Time course of development of ionic currents at +100 mV by WT and mutant TMEM16.
relationship that reversed around zero mV under symmetrical ionic conditions. To determine ionic
selectivity, we measured the change in reversal potential (Erev) in response to reducing extracellular
NaCl (or CsCl)) from 150 mM to 15 mM. Upon 10-fold reduction in NaCl, Erev shifted -7 mV
(Fig. 6.5(C)), which corresponds to PNa:PCl = 2.3± 0.2 as calculated by the Goldman, Hodgkin,
Katz equation (Fig. 6.5(D)). PCs:PCl was 1.5± 0.1. The development of ionic currents was greatly
reduced in cells expressing mutant nhTMEM16, which suggests that ionic currents are linked to
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phospholipid scrambling (Fig. 6.5(E)).
6.3.5 Testing the Model on Mammalian TMEM16F
To further validate the importance of the pinpointed amino acids T333 and N378 in phospholipid
scrambling, we mutated these amino acids in the mammalian TMEM16 scramblase TMEM16F,
and measured phospholipid scrambling and ionic currents (Fig. 6.6(A) and (C)). As previously
reported, > 80% of HEK cells expressing WT TMEM16F exhibited Annexin-V binding within
15 min of establishing whole-cell recording with a high Ca2+ intracellular solution (Fig. 6.6(C)).
The WT TMEM16F-expressing cells also exhibited robust non-selective currents that developed
roughly in parallel with Annexin-V binding. When TMEM16F Q559 was mutated to the corre-
sponding TMEM16A residue (K), scrambling was greatly reduced (Fig. 6.6(C)) as were ionic cur-
rents. Replacing TMEM16F Q559 with the corresponding amino acid from nhTMEM16 (Q559N)
did not abrogate scrambling by TMEM16F (Fig. 6.6(C)). These data confirm that the residue in
TMEM16F homologous to nhTMEM16 N378 is important in phospholipid scrambling. Mutating
S514 in TMEM16F to the corresponding nhTMEM16 amino acid (T) had no effect on scrambling,
as expected. However, while we expected that replacing TMEM16F S514 with V from TMEM16A
would abrogate scrambling, this mutation had little effect on scrambling.
6.3.6 Point Mutations Confer Scramblase Activity on TMEM16A
Previously we reported that replacing short TMEM16A sequences in TM4-TM5 with correspond-
ing TMEM16F sequences caused TMEM16A to scramble phospholipids robustly, while the WT
TMEM16A exhibited no measureable scramblase activity [255]. In contrast, chimeras involving
other regions, including TMs 2, 3, 6, 7, 9, and 10 did not convert TMEM16A into a scramblase.
We therefore asked whether TMEM16A could be converted to a phospholipid scramblase by mutat-
ing V543 to the homologous scramblase amino acids (T in nhTMEM16 or S in TMEM16F). As a
control, less than 20% of the WT TMEM16A-expressing cells exhibited scramblase activity within
15 min of cytosolic Ca2+ elevation (Fig. 6.6(B) and (D)). Surprisingly, transfected cells expressing





Figure 6.6: Effects of swapping amino acids between TMEM16A, TMEM16F, and nhTMEM16. (A) and
(B) Images of cells during phospholipid scrambling. Single cells were patch clamped and intracellular Ca2+
controlled by 200µM Ca2+ in the pipet. The first image in each row is EGFP fluorescence of the tagged
TMEM16 protein. The next images are Annexin-V fluorescence taken 0, 5, 10, and 15 min after raising
Ca2+ by initiating whole cell recording. (A) TMEM16F WT and mutations. (B) TMEM16A WT and
mutations. (C) and (D) Percentage of cells binding Annexin-V within 15 min after establishing whole cell
recording with a high Ca2+ internal solution. Each bar represents between 5 and 29 cells. (C) TMEM16F
wild type (WT) and mutants. (D) TMEM16A wild type (WT) and mutants. (E) and (F) The V543S
mutation in TMEM16A alters ionic selectivity. Current-voltage relationships were measured using voltage
ramps of 1-sec duration from -100 mV to +100 mV. Ionic selectivity was determined by the change in reversal
potential measured in response to switching between extracellular solutions containing 150 mM CsCl (black
curves) and 10 mM CsCl (red curves). (E) Switching between 150 mM and 10 mM CsCl immediately after
establishing whole-cell recording shifted Erev +45 mV, corresponding to a PCl:PCs = 9.7, whereas (F)
switching after Annexin-V binding had reached a plateau, Erev shifted -17 mV in the opposite direction,
corresponding to PCl:PCs = 0.45.
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the same time period (Fig. 6.6(D)), consistent with the hypothesis that this amino acid plays a key
role in conducting lipids across the bilayer. Replacing TMEM16A K588 with the corresponding
nhTMEM16 amino acid N (K588N) also induced robust phospholipid scrambling (Fig. 6.6(D)).
However, replacing K588 with the corresponding TMEM16F amino acid Q did not induce scram-
bling. One possible explanation is that the sidechain of N is considerably shorter (3.7 A˚) than Q
(4.9 A˚) or K (6.2 A˚). This raises the possibility that both charge and size of the sidechain may be
important in determining whether scrambling is supported by the amino acid at this position. The
ability to convert TMEM16A into a phospholipid scramblase by point mutations in each of two
major amino acids identified as interacting with translocating lipids in the MD simulation strongly
supports the validity of the MD model. Furthermore, this experimental result provides additional
support for the idea that the TMEM16 Cl− channels and scramblases are structurally very similar.
In addition to conferring scramblase activity on TMEM16A, the V543S mutation also changes
the ionic selectivity of TMEM16A (Fig. 6.1(E) and (F)). Immediately after initiating whole-cell
recording, TMEM16A V543S currents were strongly Cl− selective, because switching from extra-
cellular 150 mM CsCl to 10 mM CsCl caused a 45 mV positive shift of the reversal potential (Erev)
corresponding to PCl/PCs = 9.7 (Fig. 6.1(E)). However, after phospholipid scrambling had de-
veloped, the ionic current became weakly cation-selective as evidenced by a -17 mV negative shift
in Erev corresponding to a 21-fold decrease in anion selectivity (PCl/PCs = 0.45) (Fig. 6.1(F)).
Thus, the V543S mutant of TMEM16A appears to function as a Cl− channel until phospholipid
scrambling is activated when the current becomes significantly less anion selective. Similar results
were obtained with the V543T and K588N mutations, while K588Q was Cl− selective.
6.3.7 Ionic Conductance Occurs Through the Same Structural Pathway
To further explore the relationship between the ionic currents and phospholipid scrambling, we
applied three levels of transmembrane electric potentials (150 mV, 250 mV, and 500 mV) in MD
simulations to gain insights on the pathway and mechanism of ion permeation. Under the trans-
membrane potentials, the phosphate groups inside the aqueduct became slightly denser compared
to their distribution under equilibrium condition. Notably, Na+ permeation from the extracellular
side to the intracellular side of the membrane was captured in all three simulations through the
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same aqueduct which serves as the pathway for lipid movement. With small, physiological poten-
tials 150 mV and 250 mV, Na+ permeation event occurs in subunit I and II, respectively, during
the 700 ns simulations. The permeant Na+ ions both are well coordinated while moving along the
aqueduct (Fig. 6.7(A) and (B)). The average coordination number during the course of transloca-
tion is 5.65± 0.52 and 5.73± 0.51 for each case, contributed by oxygen atoms from water molecules
(79%/85%), as well as protein (11%/10%) and lipids (9%/5%) (Fig. 6.7(A) and (B) left panels).
Two major ion binding sites are revealed while the permeant Na+ transverse the membrane, where
the ions dwell for an extended time (Fig. 6.7(A) and (B) middle panels). The ion binding sites
are strongly associated with the phosphate binding sites revealed in the equilibrium simulation.
One ion binding site is located around the Sext site (Fig. 6.4(A)) for lipid phosphate groups, and
is coordinated by the oxygen atoms from Asn310, Glu313, Gly329, Thr333, Gln436, and Tyr439.
The other site is near the Scen site (Fig. 6.4(A)), which involves coordination from residues Thr381,
Ser382, Asn448, and Tyr513. Gln374 from Sint and two glutamate residues (Glu496 and 497) near
the intracellular entrance of the aqueduct also interact transiently with the ions as they diffuse away
the aqueduct. Intriguingly, Thr333, which is the residue that interacts most intensively with the
permeant ions, is also identified as the key residue that can switch on and off the lipid scrambling.
The consistent coordination of the permeant Na+ ions from water molecules as well as protein
and lipids indicates the formation of a “proteolipidic” pore along the hydrophilic aqueduct, where
lipids play a structural role by lining the hydrophilic ion conduction pathway with their headgroups
(Fig. 6.7(A) and (B) right panels). With 500 mV potential applied, increased probability of Na+
permeation through the aqueous pore formed between the protein and the lipid headgroups was
observed in both subunit I (14 occurrences) and II (10 occurrences) over the 700 ns simulation
(Fig. 6.7(C)). Importantly, breathing motion of the pathway lining helices TM4 and 6 took place
during the simulation, leading to a conductive state of the ion permeation pathway which allows
for rapid and frequently ion conduction over a short period of time (10s of ns). Except for an
outlier ion permeation, which took place when the pathway was not in its fully conductive state,
all the permeation events lasted less than 20 ns, with one third of the them took place within 5 ns
(Fig. 6.7(D)).
79




































85 95 105 115 125 135 145 155
Simulation Time (ns)











































225 230 235 240 245 250 255 260
Simulation Time (ns)
0.5 volt (Subunit I)







0.5 volt (Subunit II)



























Figure 6.7: Ion permeation through the same structural pathway of lipid scrambling. (A) Full permeation of
one Na+ ion from the extracellular side to the intracellular side of the membrane was observed in subunit I
of a 700 ns simulation with 150 mV transmembrane potential. Left panel: Coordination number of the
permeant Na+ ion as a function of time. Oxygen atoms from protein (red) and lipid headgroups (orange)
both contribute to the ion coordination throughout its permeation (∼36.7 ns duration). The coordination
number for water oxygen atoms are colored blue. Middle panel: Translocation of the permeant Na+ through
the aqueduct, measured as its z coordinate versus permeation time. The coordinating residues during ion
permeation are shown as dots color-coded to the amino acid residues in the inset. Right panel: Time
series snapshots representing translocation of the Na+ ion (time is represented in pseudocolor from orange
(start) to cyan (end). (B) One Na+ permeation event (∼76.4 ns duration) occurs in subunit II of a 700 ns
simulation with 250 mV transmembrane potential. The coloring schemes are the same as (A). (C) Multiple
ion permeation events occur in both subunits with 500 mV membrane potential during the 700 ns simulation.
The segments marked by the blue and green bars were used for measuring the center of mass distances
between the aqueduct lining helices TM4 and TM6 as shown in Suppl. Fig.x. (D) Distribution of the ion
permeation time for the 24 permeation events follows an exponential distribution, one third of the events
took place within 5 ns.
6.3.8 POPS Externalizing and Lipid Selectivity
To analyze lipid scrambling under external electric field, a combined simulation trajectory with a
total aggregate time of 1700 ns (1000 ns simulation without transmembrane potential, followed by
700 ns simulation with 500 mV potential) was used. In addition to the 3 half-flopping (2 POPC
and 1 POPS, from inner leaflet to the membrane midplane) and 1 half-flipping (1 POPC, from
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outer leaflet to the membrane midplane) in subunit I, collectively, 5 full lipid permeation from the
inner leaflet to the outer leaflet were captured in subunit I (1 POPS) and II (1 POPS and 3 POPC)
(Fig. 6.8(A)). For both fully scrambled POPS lipids, the headgroups are well coordinated by oxygen
and nitrogen atoms from the protein as they move along the aqueduct (Fig. 6.8(B)). In both cases,
the headgroups interact most intensively with Arg505 (79.52% and 59.01% of the scrambling time,
respectively); Glu496 and Asn378 also contribute significantly (> 10% of the scrambling time) to the
coordination. Compared to POPS, in general, the fully scrambled POPC lipids interact much less
intensively with the protein (Fig. 6.8(C)). In each of the three POPC scrambling events, two residues
are found to interact significantly with the headgroup (POPC I: Arg505 and Arg432, POPC II:
Lys459 and Arg505, POPC III: THR381 and TYR439), however, none of them interact over 15% of
the scrambling time. The major difference between the scrambling of POPS and POPC through the
aqueduct is the intensity of headgroup coordination from the protein during the scrambling process
(Fig. 6.8(B) and (C) lower panels, Fig. 6.8(D)). The scrambled POPS headgroup is coordinated by
at least two oxygen/nitrogen atoms from the protein for 42.72% (POPS I) or 55.83% (POPS II) of
the scrambling time; while for POPC, the probability of having at least two coordination during the
scrambling is reduced to 11.80% (POPC I), 0.80% (POPC II), and 2.32% (POPC III) (Fig. 6.8(D)).
To gain insight on lipid selectivity, we look into the residues that strongly coordinate (coordi-
nation ratio > 0.2) the lipid headgroups during the 1700 ns simulation. In addition to the three
residues (Arg505, Glu496, and Arg548) (Fig. 6.8(E) and (F)) that are located inside the aqueduct
and interact almost exclusively with POPS, several residues that are located near and beside the
intracellular entrance of the aqueduct are identified to favor the binding of POPS over POPC. In-
triguingly, we also spot residues that are located near the dimer interface that interact extensively
and specifically with POPS headgroup. Except for Lys470, Lys353, Lys286 and Lys459, all the
rest 26 residues in Fig. 6.8(E) interact at least 75% stronger with POPS than POPC, and 14 of
them interact at least 10 times stronger with POPS, even though the concentration of POPC is
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Figure 6.8: POPS are better coordinated than POPC during flopping. (A) Multiple lipid scrambling (POPS
and POPC) from the inner leaflet to the outer leaflet were captured in both subunits during the 1700 ns
simulation (1000 ns equilibrium followed by 700 ns simulation with 500 mV transmembrane potential). The
dashed line indicates the time point of adding external electric field. (B) Full permeation of POPS in
subunit I (left) and II (right). Top panels: Translocation of the scrambled POPS through the aqueduct,
measured as the position (z coordinate) of the phosphorus atom of the phosphate group versus the scrambling
time. The headgroup coordinating residues during the lipid flopping are shown as dots color-coded to the
amino acid residues in the inset. Lower panels: Headgroup coordination number of the scrambled POPS
as a function of time. (C) Full permeation of POPC. POPC I (red) was fully scrambled under equilibrium
condition, before the external electric field was applied. The coloring schemes are the same as (B). (D)
Normalized probability histograms of the headgroup coordination number during the lipid scrambling for
each scrambled lipid. POPC are less coordinated by the protein compared to POPS. (E) Comparison of
POPS and POPC headgroups coordination from residues that frequently (ratio > 0.2) coordinate the POPS
headgroups during the 1700 ns simulation. The residues are highlighted in (F) in the colors corresponding
to the colored box in (E). (F) Residues located inside the aqueduct are individually labelled (Arg505,
Glu496, and Arg548). Residues located near the intracellular entrance of the aqueduct are colored in mauve.
Residues located outside the aqueduct are colored in cyan (on the left of the aqueduct), lime (on the right
of the aqueduct), and orange (near the dimer interface).
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6.3.9 Insights Into Ca2+ Activation
In contrast to the Ca2+-activated simulation, full occupancy of phosphate groups along the aqueduct
did not occur in either subunit of the Ca2+-free simulation. Examination of the trajectory showed
that in the absence of Ca2+, phosphate groups mainly packed near the intracellular and extracellular
entrances of the aqueduct, rather than penetrating into the membrane center, resulting in a 15-
20 A˚ gap between the phosphate groups from the outer and inner leaflets. Thus, considerably less
phosphate groups were observed in the aqueduct compared to the Ca2+-activated simulation. The
lack of headgroup penetration in the absence of Ca2+ ions strongly indicates that Ca2+ ions are
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Figure 6.9: Hydration of the lipid aqueduct with and without Ca2+ ions. (A) and (B) Left panels: Average
water density during the Ca2+-activated and Ca2+-free simulations is shown as transparent cyan surface
contoured at 0.15 of bulk water density, overlaid on representative snapshots of the aqueduct for each
system. Gating residues T333 and Y439 are shown as van der Waals spheres. The gating region of the track
(0 < z < 10 A˚, membrane center is set at z = 0) is highlighted by dashed lines. Left panels: Top views of
the gating region of the track (z > 10 A˚ is removed for clarity). Water molecules in this region are colored
in cyan. (C) Average number of water molecules in each aqueduct of the two systems during the last 150 ns
of the 1000 ns simulations. The shaded grey area represents the gating region of the aqueduct.
83
To better understand the environment that affects lipid scrambling, we examined the behavior of
water molecules within the aqueduct in the simulations with and without Ca2+. Visualization of the
averaged water density within the aqueduct revealed that the aqueducts in the Ca2+-bound system
are fully hydrated throughout the whole length, while the ones in the Ca2+-free system display
an apparent less hydrated region (0 < z < 10 A˚) compared to the Ca2+-activated counterparts
(Fig. 6.9). To determine whether the difference in hydration is a result of structural change of the
aqueduct during the simulations, we examined the conformation of the aqueduct lining helices in
both systems. In the Ca2+-activated system, TM4 and TM6 maintained a similar conformation as
seen in the crystal structure. While in the Ca2+-free system, the aqueduct is pinched around the
residue pair T333-Y439, resulting in a narrow gating region (region (0 < z < 10 A˚) of the aqueduct
(Fig. 6.9(A)). In particular, the tight contact between T333 and Y439 as well as the neighboring
residue pairs greatly narrowed the width of the aqueduct and confined the water molecules within in
this region (Fig. 6.9(A)), such that fewer water molecules were accommodated in the gating region
compared to the aqueducts in the Ca2+- activated system (Fig. 6.9). Even though the aqueducts
in the absence of Ca2+ ions are not completely dehydrated, the contact between T333 and Y439
sterically separates the lipid headgroups from outer and inner leaflets, and prevents them from
penetrating deep into the aqueduct. Thus, Ca2+ ions are essential for the protein to maintain a
stable and functional conformation, especially at the catalytic site - the lipid aqueduct - which not
only affects the hydration of the aqueduct, but also determines the activity of the protein.
6.4 Summary and Perspective
The mechanism by which scramblase catalyzes rapid exchange of lipids between the two leaflets of
a bilayer has been a long sought-after question. The molecular basis of the scrambling activity has
been poorly understood, mainly due to the complexity of the cargo and the lack of knowledge on
the machinery that catalyze the activity. The amphiphilic nature of lipids distinguishes scramblases
from the commonly known transport proteins that facilitate the movement of substrate molecules
by providing enclosed proteinaceous pores that are energetically favorable. In order to translocate
lipids across the membrane, scramblases must provide a conduction pathway that is competent to
accommodate the hydrophilic headgroups and the hydrophobic tails at the same time. One of the
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most critical issues that motivated this study is to identify the pathway that could be taken by a
polar headgroup moving from one leaflet to the other.
Earlier researchers had proposed several possible mechanisms for the transbilayer movement of
the amphipathic cargo even before a lipid scramblase was identified. One model proposes that
dynamics of the transmembrane proteins may interrupt the normal bilayer structure and, thereby
enhance the chance for a lipid to transverse the membrane. This idea was initially proposed
by Kol and colleagues [256, 257] based on the investigation of lipid flip rate facilitated by the
artificially constructed alpha helical peptides. However, this idea only favors small membrane-
spanning proteins, and works best with the single helices, because they are more dynamic and prone
to cause transient defects in the lipid-helix interface. Some other models suggest that the rapid
rearrangement of lipids across the membrane could be facilitated by the amphiphilic transmembrane
helices which may provide a hydrophilic surface for the passage of lipid polar headgroups. Pomorski
and Menon [258] suggested a further variation on these ideas by proposing that just like swiping a
card through a card reader, the lipid headgroup is sequestered from the unfavorable hydrophobic
environment by passing through a groove of transmembrane proteins as it transits the membrane
interior, during which the lipid tails remain in the hydrophobic phase of the membrane. This
mechanism is extremely appealing as the crystallization of the nhTMEM16 scramblase revealed
a ∼10 A˚ wide partially hydrophilic aqueduct, exposed to the membrane interior such that may
serve as a potential site of catalysis [134]. However, recent experiments revealed that increasing
the headgroup size up to diameters of ∼40 A˚ does not alter the scrambling in the presence of
Ca2+, thus raised a major question involving this “card swiping” mechanism as how the aqueduct
accommodates headgroups several folds larger than its width. Validation of these models requires
an thorough understanding of the structural and functional properties of the scramblases.
Our simulations of the nhTMEM16 scramblase within a lipid membrane environment provided
valuable input to elucidate a clear picture of the lipid scrambling process by the TMEM16 scram-
blase. The Ca2+-activated simulation showed that the presence of nhTMEM16 has the potential to
induce local deformation of membrane structure in its proximity, during which the bilayer structure
near the aqueduct was staggered and thus uniquely thinned the membrane near the groove. The
advantage of using lipids from both leaflets to significantly reduce the membrane thickness is that it
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shortens the distance a lipid needs to transverse the membrane without large confomational change
of the protein structure. Intriguingly, our analysis demonstrated that, as the simualtion extended,
adjacent lipids underwent significant reorientation from a simple bilayer to form a hairpin-like
structure. This nonbilayer arrangement of lipids allows headgroups to diffuse laterally between
leaflets, which could greatly increase the rate of lipid exchange across the membrane. This observa-
tion thus brings detailed insights into the precise conformations and interactions of lipids surround
the scramblase, and provides the first direct evidence for the long-standing speculation of lateral
diffusion of lipids mediated by scramblase [259].
More importantly, our analysis revealed a lipid transport pathway lined by transmembrane helices
TM4 and TM6, which maintained an open conformation and was sufficiently hydrated in the
presence of Ca2+ ions throughout the simulation, permitting the spontaneous penetration and
diffusion of polar headgroups. By providing the direct demonstration of lipid translocation across
the membrane by way of the hydrated lipid aqueduct, our work enabled us to unveil several critical
aspects involved in the scrambling process. In addition to the location of the lipid pathway, we
have been able to pinpoint the major headgroup interacting sites along the track, and identify key
residues involved in lipid-protein interactions. The lipid track was occupied mostly by POPC lipid
headgroups, due to the dominant proportion of POPC in the bilayer (100% POPC in the outer
leaflet and 67% POPC in the inner leaflet), however, POPS was also observed to be funneled into
the track from the inner leaflet and bind around the Sint site throughout the simulation. The stable
binding of POPS headgroup at Sint owes to the strong interaction between the negatively charged
headgroup and the positively charge residue R505 of Sint, which might serve as a potential site
for lipid selectivity at the intracellular entrance of the track. It is possible that the presence of
different types of lipids might influence the biophysical properties of lipid headgroup conduction,
as well as more global conformational changes of the membrane structure near the protein. Future
simulations and experiments with more physiological lipid headgroup compositions and mixed lipid
tail lengths are clearly needed to fully understand the behaviour of nhTMEM16 in complex bilayers.
With the lipid pathway as the focus for the rapid exchange of lipids across the membrane, the
most important physiological question is how Ca2+ binding regulates the activity of the scramblase.














Figure 6.10: A model for Ca2+-activated lipid scrambling. (top panels) (left) Hydration (blue) in the Ca2+-
activated functional aqueduct (Ca2+ ions are shown as purple spheres) provides a smooth pathway for lipid
headgroups to pass through. (right) Tight contact between gating residues T333 and Y439 narrows the
aqueduct, resulting in poor hydration in the gating region and prevents headgroups from passing through
the aqueduct. (bottom panels) top views of the aqueducts showing the gating region and the hydration
within this region.
which requires large motions of the helix bundles is not applicable, our analysis indicates that
the structural dynamics in the aqueduct-lining helices TM4 and TM6 directly affect the aqueduct
conformation, and consequently influence the function of the protein. To be specific, the functional
open conformation in the presence of Ca2+ ensures a full hydration of the aqueduct during the
simulation, thus that smooth lateral diffusion of headgroups along the aqueduct could happen
spontaneously (Fig. 6.10 left panels). In particular, water molecules in the gating region fill up
the most narrow and deep part of the aqueduct and provide a water pathway for lipid headgroups
to glide on. This finding provides atomistic insight into why lipids with headgroups considerably
larger than the aqueduct radius could be successfully scrambled. The absence of Ca2+, on the
other hand, markedly altered the structure of the aqueduct-lining helices, results in a nonfunctional
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aqueduct that is sterically occluded by the gating residues T333-Y439 located near the center of
the membrane (Fig. 6.10 right panels). The penetration of lipid headgroups is blocked in the
nonfunctional aqueduct not only because of the closed gate, but also due to the poor hydration
around the gating region.
In addition to characterizing the lipid transport pathway and its Ca2+ dependence, our simula-
tions also provided the first glimpse into the ion channel properties of TMEM16 proteins. Since the
crystal structure of nhTMEM16 does not reveal an obvious alternative pathway for ion permeation
through the bilayer other than the path taken by phospholipids, the formation of the “proteoli-
pidic” pore along the hydrophilic aqueduct provides important information on ion transport that
is mediated by the same structure. In this flexible pore structure, lipids play a structural role
by lining the hydrophilic ion conduction pathway with their headgroups. Ion permeation events
through the aqueous pore formed between the protein and the lipid headgroups were captured
frequently. The permeant Ions are well coordiated by residues lining the aqueduct as well as lipid
headgroups occupying the aqueduct as they transverse the membrane. Moreover, externalization
of the anionic phospholipid POPS along the pore was observed as water penetrates into the bilayer
and extends across the membrane. This novel view of flexible pore structure explains a number of
unusual features of the TMEM16 ionic currents, especially the highly variable ionic selectivity and
the ability to permeate large ions.
The findings outlined above provide the first detailed picture of the scrambling process mediated
by nhTMEM16, which serves as helpful input for developing a viable function model for the general
mechanism. In summary, successful lipid translocation by the scramblase requires the presence of
Ca2+ ions to maintain a functional aqueduct that is apparently open and fully hydrated, which
allows deep penetration of lipid headgroups into the membrane interior and lateral diffusion of
headgroups along the track. More importantly, the fully occupied aqueduct can also serve as the
path for ion permeation, which is crucial for the functional dichotomy in TMEM16s. These results
elucidate the atomic details of the lipid scrambling and ion permeation pathway and uncover the
molecular basis of Ca2+-dependence of nhTMEM16, thus extend our knowledge of the microscopic
mechanism underlying the function of TMEM16 proteins. Taken together, our computational work
sheds light on several most critical aspects of the substrate transport process by nhTMEM16,
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including lipid scrambling and ion permeation, which have important implications for our under-
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